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Lignocellulose is a complex substrate which requires a variety of enzymes, acting in synergy, for its complete 
hydrolysis. These synergistic interactions between different enzymes have been investigated in order to design 
optimal combinations and ratios of enzymes for different lignocellulosic substrates that have been subjected to 
different pretreatments. This review examines the enzymes required to degrade various components of lignocel¬ 
lulose and the impact of pretreatments on the lignocellulose components and the enzymes required for degra¬ 
dation. Many factors affect the enzymes and the optimisation of the hydrolysis process, such as enzyme ratios, 
substrate loadings, enzyme loadings, inhibitors, adsorption and surfactants. Consideration is also given to the cal¬ 
culation of degrees of synergy and yield. A model is further proposed for the optimisation of enzyme combina¬ 
tions based on a selection of individual or commercial enzyme mixtures. The main area for further study is the 
effect of and interaction between different hemicellulases on complex substrates. 

© 2012 Elsevier Inc. All rights reserved. 


Contents 


1. Introduction. 1459 

2. Structure of lignocellulose. 1459 

3. Obstacles for hydrolysis of lignocellulose and the role of pretreatments. 1460 

4. Enzymes required to degrade lignocellulose. 1461 

5. Synergy studies. 1462 

5.1. Synergy studies using cellulases. 1462 

5.2. Synergy studies using hemicellulases. 1463 

5.3. Synergy of enzymes in degradation of complex lignocellulose substrates. 1463 

6. Factors to be considered in synergy studies. 1466 

6.1. Measurement of synergism—degree of synergy. 1466 

6.2. Flydrolysis yield/efficiency of bioconversion. 1467 

6.3. Selection of enzymes. 1468 

6.4. Enzymes and whole cell synergy. 1469 

6.5. Sequential or simultaneous synergy. 1469 

6.6. Role of carbohydrate binding domains (CBMs) in synergy. 1470 

6.7. The role of multifunctional enzymes (enzymes with cross-specificity). 1470 

6.8. Reactor conditions that affect hydrolysis—pH, temperature and mixing. 1470 

6.9. Inhibitors and feedback inhibition. 1471 

6.10. Drying of substrate. 1471 

6.11. Productive and non-productive adsorption of enzymes onto substrates and recycling of enzymes. 1472 

6.12. Enzyme and substrate loadings. 1472 

6.13. Enzyme ratios. 1473 

6.14. The role of surfactants and additives. 1473 

7. Model for enzyme synergy approach to bioconversion. 1474 

8. Future perspectives. 1475 


* Corresponding author at: PO Box 94, Grahamstown, 6140, South Africa. Tel: +27 46 603 8081: fax: +27 46 622 3984. 

E-mail address: B.Pletschke@ru.ac.za (B.I. Pletschke). 

1 Claude Leon Postdoctoral Fellow. 

0734-9750/$ - see front matter © 2012 Elsevier Inc. All rights reserved. 
doi:10.1016/j.biotechadv.2012.03.002 








































J.S. Van Dyk, B.I. Pletschke / Biotechnology Advances 30 (2012) 1458-1480 


1459 


Acknowledgements.1476 

References.1476 


1. Introduction 

In 2001, about 97% of the world's liquid transportation fuels were de¬ 
rived from petroleum (Mielenz, 2001). To reduce the reliance on fossil 
fuels amidst price hikes and unrest in the Middle East, governments 
have initiated extensive research into the large scale production of alter¬ 
native liquid transportation fuels from renewable resources. The US De¬ 
partment of Energy has set a target for biofuel production in the US to 
reach 60 billion gallons per year by 2030 while the EU target aims to sup¬ 
ply 25% of transportation fuel requirements through biofuel production 
by 2030 (Himmel et al„ 2007). Production of biofuel from sugarcane (in 
Brazil) and com (in the US) has limited capacity to supply such volumes. 
In many countries there is also ongoing debate about the use of food crops 
for biofuel production. As a result, lignocellulose biomass has been identi¬ 
fied as the most suitable feedstock for biofuel production since it consists 
of approximately 75% polysaccharide sugars (Bayer et al„ 2007; Lynd et 
al., 1991). Sources of lignocellulose include agricultural waste such as 
com stover, bagasse, wood, grass, municipal waste and dedicated energy 
crops such as miscanthus and switchgrass (Gomez et al., 2008). 

Enzymatic hydrolysis of plant carbohydrates has emerged as the most 
prominent technology for the conversion of biomass into monomer 
sugars for subsequent fermentation into bioethanol. The biological degra¬ 
dation of the carbohydrates within the biomass is achieved using multiple 
enzymes in defined ratios to convert the carbohydrates to their monomer 
sugars. This is followed by the fermentation of these sugars into bioetha¬ 
nol. The enzymes cooperate in a synergistic fashion to degrade the sub¬ 
strate, meaning that the activity of enzymes working together is higher 
than the addition of their individual activities. 

The initial focus has been on the conversion of cellulose into glucose 
monomers, but research is now focusing on the utilisation of both hexoses 
and pentoses in fermentation as it increases the theoretical yield and can 
substantially improve the economics of the process (Merino and Cherry, 
2007). This has had an impact on aspects of the process such as the 
type of pretreatment used and the enzymes required for hydrolysis. 

Different types of processes may be used for bioconversion and 
fermentation of lignocellulose. Separate hydrolysis and fermentation 
(SHF) refers to the physical separation of these two processes, where¬ 
as simultaneous saccharification and fermentation (SSF) refers to 
these processes taking place within the same bioreactor. Consolidated 
bioprocessing (CBP) refers to the use of a single organism to produce 
the enzymes required and to perform both the hydrolysis and fer¬ 
mentation (Lynd et al., 2005; Xu et al., 2009). CBP is potentially con¬ 
sidered the most cost-effective process as it has lower capital costs 
and may achieve enhanced synergy due to microbe/enzyme interac¬ 
tions (Elkins et al., 2010; Lynd et al., 2002). Various processes, namely 
pretreatment, hydrolysis and fermentation may have an impact on 
the enzymes involved in hydrolysis. For example, in SHF, higher tem¬ 
peratures (50 °C) can be used for hydrolysis, while in SSF, tempera¬ 
tures have to be lower (30-32 °C) to accommodate the optimal 
temperature for the fermenting organism (Andric et al„ 2010). 

This review focuses on the evaluation of synergy studies as 
reported in literature and various factors that have an impact on syn¬ 
ergy, yield and hydrolysis. 

2. Structure of lignocellulose 

Lignocellulose consists of lignin, carbohydrates such as cellulose 
and hemicellulose, pectin, proteins, ash, salt and minerals. Lignin 
consists of phenylpropane units such as p-coumaryl, coniferyl, 
guaiacyl, syringyl and sinapyl alcohol and is very resistant to degra¬ 
dation (Hendriks and Zeeman, 2009). Lignin composition is variable 


between hardwoods and softwoods, although the specific three- 
dimensional structure of lignin is unknown (Eriksson and Bermek, 
2009). Older and more woody plants contain higher levels of lignin 
deposited in cell walls to give rigidity and strength, making cell 
walls waterproof and providing effective protection against patho¬ 
gens (Raven et al„ 1999). 

The principal framework of the cell is cellulose, consisting of 
chains of glucose linked by (3-1,4 linkages. These chains are linked 
by strong hydrogen bonding which form the cellulose chains into mi¬ 
crofibrils, making it crystalline in nature and very recalcitrant to deg¬ 
radation. Some parts of the cellulose structure may be amorphous in 
nature, which is easier to degrade. The cellulose is further embedded 
in a matrix of hemicellulose, pectin and lignin (Eriksson and Bermek, 
2009; Raven et al., 1999). Lignin and hemicellulose are found in the 
spaces between cellulose microfibrils in primary and secondary cell 
walls, as well as the middle lamellae (Eriksson and Bermek, 2009). 

Hemicellulose is more varied in structure and composition than 
cellulose and includes xylan, mannan, galactan and arabinan poly¬ 
mers (Beg et al„ 2001). The most abundant hemicellulose in nature 
is xylan, containing mainly (3-D-xylopyranosyl residues linked by (3- 
1,4-glycosidic bonds (Beg et al., 2001; Koukiekolo et al., 2005). In 
plants, the xylan forms an overlying layer through hydrogen bonding 
with the cellulose, while covalently linked with lignin which forms an 
outside sheath to protect the plant (Beg et al., 2001). Xylan forms an 
important part of plant cell walls, forming 30-35% of total dry weight, 
although the exact abundance of the xylan may differ between plants 
(Beg et al., 2001). The most abundant form of xylan is heteroxylan, 
which is comprised of xylose residues in the backbone with acetate, 
arabinose and glucose residues as common substituents (Sunna and 
Antranikian, 1997). However, xylans extracted from different sources 
display large variations in composition (Li et al., 2000). 

In hardwood plants (such as beechwood, willow and poplar) the 
xylan composition differs from that in softwood plants (such as 
spruce, pine, Douglas fir) and occurs as 0-acetyl-4-0-methylglucur- 
onoxylan with high levels of acetylation (Sunna and Antranikian, 
1997). The acetyl groups are responsible for xylan solubility in 
water, but are removed during alkaline pretreatments (Beg et al., 
2001). Softwood xylans are not acetylated and contain a-L- 
arabinofuranose linked by ot-l,3-glycosidic bonds at the C-3 posi¬ 
tion (Sunna and Antranikian, 1997). Xylan does not only occur in 
woody plants, but also in annuals such as corn (maize) and sugar 
cane where it may constitute up to 30% of the composition (Prade, 
1995). Hardwoods have a higher xylan and acetyl composition (as 
glucuronoxylan), with softwoods having a higher mannan (as 
galactoglucomannan) and lignin content (Eriksson and Bermek, 
2009; Saha, 2003). 

Mannan is a major component of hemicellulose and contains 
sugars such as mannose, galactose and glucose. Compositions are 
variable and include glucomannans (hardwood), galactomannans 
and galactoglucomannans (softwood) (Moreira and Filho, 2008; 
VanZyl et al„ 2010). 

Pectin, a hydrophilic polysaccharide, forms part of the intracellular 
network and imparts pliability to the cell through its association with 
water (Raven et al., 1999). Pectins are highly diverse in nature with 
the major component being galacturonic acid. Other components of pec¬ 
tin include rhamnose, arabinose, galactose, fucose and apiose, while the 
galacturonic acid can have high levels of methyl-esterification or acety¬ 
lation (Willats et al., 2006). 

The composition of various lignocellulose materials have been 
reported in literature (see Table 1) and vary substantially depending 
on the source of the lignocellulose. Differences in the reported 
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Table 1 

Approximate composition (as a percentage) of various biomass materials or agricultur¬ 
al waste products that can potentially be used for saccharification for biofuel produc¬ 
tion. Percentage ash and other components have been omitted. 

Biomass Cellulose^ Hemicellulose% Lignin% Reference 

Bermuda grass 47.8 13.3 19.4 Li et al. (2009a) 

25 35.7 6.4 Howard etal. 

(2003) 

Reed 39.5 29.8 24 Li et al. (2009a) 

Rapeseed stover 27.6 20.2 18.3 Li et al. (2009a) 

14.1 20 Bridgeman et al. 

(2008) 

29.7 7.6 Bridgeman et al. 

(2008) 

38-42 4.5-6.6 Okeke and Obi 

(1994) 

35 15 Howard et al. 

(2003) 

12-14 11-13 Okeke and Obi 

(1994) 

19.7 19.4 Lee (1997) 

19 30 Okeke and Obi 

(1994) 

19.1 15.1 Lee (1997) 

20.5 18 Merino and Cherry 

(2007) 

24.8 14.5 Lee (1997) 

29.6 10.4 Dijkerman et al. 

(1997) 

30.8 7.7 Bridgeman et al. 

(2008) 

23 17 Merino and Cherry 

(2007) 

50 15 Howard et al. 

(2003) 

21.5 9.9 Lee (1997) 

15 10 Merino and Cherry 

(2007) 

24 18 Howard et al. 

(2003) 

26.9 18.4 Lee (1997) 

27.2 12.2 Dijkerman et al. 

(1997) 


(Oryza sativa sp.) 


Douglas fir 1 

Hay 1 

Alfalfa 1 

Verge grass 1 

Coffee pulp 1 

Sawdust ^ 

Coconut fibre 1 

Switchgrass 1 

Monterey pine (Pinas * 
Hybrid poplar ‘ 

Nut shells 
Leaves 

Grasses(average) 


25-30 

15-20 

25-40 


25-30 

80-85 

25-50 




Merinc 
(2007) 

Howard et al. 
(2003) 

Lee (1997) 

Howard et al. 
(2003) 

Lee (1997) 

Lee (1997) 
Dijkerman et al. 
(1997) 

Dijkerman et al. 
(1997) 

Dijkerman et al. 
(1997) 

Dijkerman et al. 
(1997) 

Dijkerman et al. 
(1997) 

Dijkerman et al. 
(1997) 

Merino and Cherry 
(2007) 

Howard et al. 
(2003) 

Merino and Cherry 
(2007) 

Merino and Cherry 
(2007) 

Howard et al. 
(2003) 

Howard et al. 
(2003) 

Howard et al. 
(2003) 


Table 1 (continued) 


S32 rye grass 
(early leaf) 
S32 rye grass 
(seed setting) 


Cellulose% Hemicellulose^ Lignin% Reference 


80-95 5-20 0 Howard et al. 

(2003) 

21.3 15.8 2.7 Howard etal. 

(2003) 

26.7 25.7 7.3 Howard et al. 

(2003) 


composition for the same substrate may be as a result of the particu¬ 
lar methods of analysis (Foyle et al., 2007), although the same ligno- 
cellulose biomass may differ in composition between batches 
harvested in different seasons. According to Wyman et al. (2011), 
time of harvest had a greater impact on switchgrass hydrolysis than 
the specific species variety. Pretreatments may significantly change 
the composition of lignocellulose substrates, therefore values 
reported in literature should only be used as a guideline and substrate 
composition should be analysed independently. Literature values also 
seldom provide details on hemicellulose composition which may be 
important for selecting accessory enzymes for the design of optimal 
enzyme cocktails. Girio et al. (2010) provide some information on 
hemicellulose composition of various substrates. 

Lignocellulose is highly recalcitrant to microbial degradation 
(Himmel et al., 2007). This is related to the presence of lignin (Grabber 
et al., 2008), the degree of crystallinity (Park et al., 2010), the degree 
of polymerisation of the polysaccharides (Merino and Cherry, 2007), 
available surface area and moisture content (Hendriks and Zeeman, 
2009). The recalcitrance index (RI) is defined as RI = remaining carbon 
weight/initial total carbon weight and is a value that reflects the degree 
of difficulty in degradation of a substrate, with higher RI values repre¬ 
senting greater difficulty in degradation (Wei et al., 2009). The RI values 
for various substrates are softwoods (0.87), hardwood (0.56) and agri¬ 
cultural residues (0.25-0.45) (Wei et al., 2009). It is not only the total 
lignin that dictates the recalcitrance and several authors have indicated 
that the amount of ferulate cross-linking in lignin also has an impact on 
recalcitrance, as well as the subunit composition of the lignin and the de¬ 
gree of ester linkages between the lignin and carbohydrates (Chandra et 
al., 2007; Grabber et al., 2008). 

3. Obstacles for hydrolysis of lignocellulose and the role 
of pretreatments 

Pretreatment of lignocellulose biomass is crucial for achieving ef¬ 
fective hydrolysis of substrates as enzymatic hydrolysis of native lig¬ 
nocellulose produces less than 20% glucose from the cellulose fraction 
(Zhang and Lynd, 2004). Although pretreatment is costly, the cost of 
not pretreating is even larger (Eggeman and Elander, 2005). Depend¬ 
ing on the specific pretreatment, different effects may be observed on 
the substrate that can all contribute to improved hydrolysis. Some of 
these effects are: 

• removal of some or all of the lignin which causes increased porosity 
in the substrate (Mansfield et al., 1999); 

• disruption of the lignin structure and its linkages with the rest of 
the biomass; 

• redistribution of lignin (Zhang and Lynd, 2004); 

• removal of hemicellulose that hampers access of cellulases to 
cellulose; 

• disruption of the hemicellulose structure; 

• reduction in crystallinity of the cellulose; 

• reduction in the degree of polymerisation of cellulose; 

• reduction in the size of the particles (Chundawat et al., 2007). 

Biomass can contain a significant percentage of lignin which has 
been demonstrated to be the most important factor limiting hydroly¬ 
sis of the biomass by cellulolytic and hemicellulolytic enzymes 
(Dijkerman et al., 1997; Jung et al., 2000; Varnai et al., 2010). 
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Dijkerman et al. (1997) established a correlation between the per¬ 
centage lignin and release of sugars from lignocellulose substrates; 
providing evidence that lignin has an effect on hydrolysis (Mussatto 
et al., 2008). Several reasons have been put forward as to why the 
presence of lignin reduces hydrolysis: 

• The lignin provides a physical barrier which limits accessibility of 
cellulases or hemicellulases to their substrate (Jung et al., 2000, 
Palonen, 2004, Varnai et al., 2010). 

• The cellulases become non-specifically adsorbed to the lignin which 
reduces the productive hydrolysis of the substrate (Qi et al., 2011; 
Tu et al., 2009). 

• Lignin may also directly inhibit the hydrolytic enzymes (Berlin et 
al., 2006a; Hidaka et al., 1984; Jing et al„ 2009; Kurabi, 2004; 
Morrison et al., 2011; Nakagame et al., 2009; Sewalt et al., 1997). 

• It has also been suggested that “residual lignin blocks the progress 
of cellulase down the cellulose chain" (Zhang and Lynd, 2004). 

• Some researchers indicate that it is not just the presence of lignin, 
but the type and distribution that has an impact on enzymatic hy¬ 
drolysis (Merino and Cherry, 2007; Zhang and Lynd, 2004). 

Regardless of the cause of reduced bioconversion, the removal or 
disruption of lignin has been established as essential for efficient bio¬ 
conversion of lignocellulose to sugars. Removal of lignin may be 
achieved in several ways—through physical (mechanical, thermal), 
chemical or enzymatic means. Mechanical size reduction of the sub¬ 
strate through grinding or milling is often the first step as it also 
makes the pretreatment more effective. Removal of lignin by chemi¬ 
cal means is achieved through pretreatment of biomass by methods 
such as acid hydrolysis, steam treatment or alkaline treatment 
which renders the biomass more susceptible to enzymatic degrada¬ 
tion. An in-depth discussion of pretreatment is not within the scope 
of this paper and several reviews are available on this topic (Alvira 
et al., 2010; Chandra et al., 2007; da Costa Sousa et al., 2009; 
Eggeman and Elander, 2005; Fitzpatrick et al., 2010; Hendriks and 
Zeeman, 2009; Mosier et al., 2005; Silverstein et al., 2007; Sun and 
Cheng, 2002; Thompson et al., 1992; Wyman et al., 2005; Zhang et 
al., 2009). Pretreatment through the use of ionic liquids is a recent in¬ 
novation showing great promise (Lucas et al„ 2011; Mora-Pale et al„ 
2011; Nguyen et al„ 2010; Shill et al„ 2010; Singh et al., 2009). How¬ 
ever, this method has not been evaluated for its effect on downstream 
processing such as fermentation. 

The selection of a pretreatment method has an impact on the sub¬ 
sequent enzymatic hydrolysis and must be based on various consider¬ 
ations (Merino and Cherry, 2007; Romani et al„ 2010): 

• Cost of the pretreatment which is based on energy and chemical 
input and recyclability of the chemicals. Often, chemical pretreat¬ 
ment must be preceded by significant mechanical size reduction 
which can have a substantial energy cost. 

• The extent to which lignin is removed. Varnai et al. (2010) exam¬ 
ined how pretreatments change the structure of the lignin. They 
concluded that complete delignification did not seem essential to 
achieve hydrolysis. Some pretreatments simply change the location 
of the lignin which can enhance the hydrolysis without the removal 
of the lignin (Chandra et al., 2007; Varnai et al., 2010). Ishizawa et 
al. (2009) demonstrated that severe delignification can decrease 
cellulose digestibility. They concluded that the removal of almost 
all lignin (<5%) together with xylan had the most severe effect as 
this may cause aggregation of the cellulose microfibrils resulting 
in decreased accessibility of enzymes. 

• The extent to which pretreatment will hydrolyse polysaccharides 
within the lignocellulose biomass. In the past, the main focus of lig¬ 
nocellulose degradation has been access to cellulose and several 
pretreatments therefore aimed at removal of the hemicellulose 
fraction, such as acid pretreatments. However, objectives have 


shifted to retention of maximum polysaccharide fraction in order 
to obtain an improved yield of total sugars. 

• Avoidance of sugar degradation products (such as furfural from xy¬ 
lose) and lignin degradation products which often results from severe 
pretreatments as this may inhibit the hydrolysis of fermentation and 
require washing steps with resulting added costs. 

• Significant enhancement of enzymatic hydrolysis after pretreat¬ 
ment with a requirement of low enzyme loadings. This is linked to 
the suitability of the pretreatment to the specific substrate, i.e. alka¬ 
line pretreatments are not very effective in softwoods although it 
may achieve all the above objectives. 

• For complete beneficiation, recovery of lignin may also be an aim of 
a pretreatment step (Romani et al., 2010). 

Delignification can also be achieved by using enzymes such as lignin 
peroxidase, manganese peroxidase and laccase which can be derived 
from fungi (see Leonowicz et al., 1999; Martinez, 2002; Rodrigues et 
al., 2008; Schilling et al., 2009; Tuor et al„ 1995). The main disadvantage 
of biological delignification is the large amount of space required and 
the long residence times (10-14 days) (Chandra et al., 2007). 

4. Enzymes required to degrade lignocellulose 

A large variety of enzymes with different specificities are required 
to degrade all components of lignocellulose. Many reviews are avail¬ 
able on this subject (Banerjee et al., 2010b; Gilbert, 2010, Gilbert et 
al., 2008; Lynd et al„ 2002; Saha, 2003; Zhang and Lynd, 2004). 
Table 2 gives a brief overview of the types of enzymes that are re¬ 
quired to degrade complex lignocellulose substrates. However, there 
are indications that many other proteins may contribute to lignocel¬ 
lulose degradation in ways that are not yet clearly understood, such 
as glycoside hydrolases from family 61, expansins and swollenin 
(Banerjee et al., 2010b; Harris et al., 2010, Merino and Cherry, 
2007). Han and Chen (2007) also demonstrated that a protein from 
Zea mays had a synergistic interaction with cellulases and increased 
degradation of biomass even though it did not have any detectable 
cellulase activity by itself. 

It is generally accepted that three types of enzymes are required to 
hydrolyse cellulose into glucose monomers, namely exo-l,4-(3- 
glucanases, EC 3.2.1.91 and EC 3.2.1.176 (cellobiohydrolase), endo- 
l,4-(Vglucanases, EC 3.2.1.4 and (3-glucosidases, EC 3.2.1.21 (cello- 
biases) (see reviews by Bayer et al., 1998; Demain et al., 2005; 
Schwarz, 2001; Wilson 2009, 2011). Cellobiohydrolases attack the 
ends of cellulose chains while endo-glucanases cleave cellulose chains 
in the middle and reduce the degree of polymerisation. Cellobiohydro¬ 
lases may have a preference for attacking the reducing or non¬ 
reducing ends of cellulose chains (Teeri, 1997). 

Hemicellulose has a more varied composition compared to cellu¬ 
lose and therefore requires a large number of enzymes to hydrolyse 
effectively. Enzymes degrading hemicellulose can be divided into 
depolymerising enzymes which cleave the backbone and enzymes 
that remove substituents which may pose steric hindrances to the 
depolymerising enzymes. 

The core enzymes for degradation of xylan to monomers are the endo- 
xylanases, which cleave the xylan backbone into shorter oligosaccharides, 


Table 2 

Some of the main enzymes required to degrade lignocellulose to monomers. 


Lignin Laccase, Manganese peroxidase, Lignin peroxidase 

Pectin Pectin methyl esterase, pectate lyase, polygalacturonase, 

rhamnogalacturonan lyase 

Hemicellulose Endo-xylanase, acetyl xylan esterase, (Vxylosidase, endo- 
mannanase, p-mannosidase, ct-L-arabinofuranosidase, a- 
glucuronidase, ferulic acid esterase, a-galactosidase, p-coumaric 

Cellulose Cellobiohydrolase, endoglucanase, p-glucosidase 
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and (Vxylosidase, which cleaves short xylo-oligosaccharides into xylose. 
Similarly, the core enzymes for degradation of mannan are the endo- 
mannanase and [J-mannosidase. However, xylans and mannans general¬ 
ly have several different substituents linked to the main backbone, such 
as arabinose, acetyl, galactose and glucose which require a host of ancil¬ 
lary enzymes to remove from the backbone to give access to the core 
enzymes to degrade the backbone. Some of these ancillary enzymes 
are a-L-arabinofuranosidases, ct-glucuronidase, ferulic acid esterase, 
a-galactosidase, feruroyl esterase, acetyl xylan esterase and acetyl man- 
nan esterase. Ferulic acid esterases specifically cleave the linkages be¬ 
tween hemicellulose and lignin. a-L-arabinofuranosidases also have 
different specificities with some cleaving 1,2 linkages or 1,3 linkages, 
while others are able to cleave doubly substituted arabinose residues 
from arabinoxylan (Meyer et al„ 2009). 

Several enzymes are involved in degrading pectin. The pectin 
methyl esterases remove methyl groups from pectin to give access 
to depolymerising enzymes such as polygalacturonase, pectin lyase 
or pectate lyase (Jayani et al., 2005). Additional rhamnogalacturo- 
nases and rhamnogalacturonan lyases are responsible for degradation 
of the “hairy regions" in the pectin (Michaud et al„ 2003), while pec¬ 
tin acetylesterases remove acetyl groups from acetylated homogalac- 
turonan and rhamnogalacturonan (Bonnin et al., 2008). 

Microorganisms produce two types of enzyme systems for ligno- 
cellulose degradation, namely free and complexed systems. Free en¬ 
zyme systems occur in many aerobic bacteria and fungi, the most 
studied being Trichoderma reesei and Aspergillus niger (Zhang and 
Lynd, 2004). 

The complexed systems exist as multienzyme complexes named 
cellulosomes which are mostly found in anaerobic bacteria such as 
Clostridia, but also in other bacteria such as Butyrivibrio fibrisolvens, 
Acetovibrio cellulolyticus, Bacteroides cellulosolvens, Ruminococcus 
albus and Ruminococcus flavefaciens (Bayer et al„ 1998, Doi, 2008). 

The cellulosome has been proposed as the paradigm for synergis¬ 
tic enzyme action (Schwarz, 2001 ), with potentially greater activity 
against lignocellulose than free enzymes. Wei et al. (2009) indicated 
that “a comprehensive, rigorous comparison” between free enzyme 
systems and complexed systems were required to evaluate this hy¬ 
pothesis (Wei et al. 2009). Research on cellulosomes has focused on 
production of minicellulosomes containing optimal ratios of enzymes 
for commercial bioconversion, but has not reached a commercial 
stage (Fierobe et al., 2001, 2002, 2005). The focus of this review will 
be on utilisation of free enzymes for lignocellulose degradation. 

5. Synergy studies 

The degree of synergy or synergism is defined as “the ratio of the 
rate or yield of product released by enzymes when used together to 
the sum of the rate or yield of these products when the enzymes are 
used separately in the same amounts as they were employed in the 
mixture” (Kumar and Wyman, 2009a). Synergy depends on the ratio 
of the enzymes involved (Nidetzky et al., 1994), as well as the specific 
characteristics of the enzymes and the characteristics of the substrate. 

Synergy studies have been used to elucidate the specific mecha¬ 
nism of action of particular enzymes and the interaction between en¬ 
zymes. This is generally carried out using pure enzymes on defined 
substrates. Researchers have also used pure enzymes in combination 
to determine the bonds that has the greatest contribution to the re¬ 
calcitrance of the substrate. 

However, many studies use commercial or crude mixtures in 
order to optimise the hydrolysis of complex, lignocellulose substrates 
(Selig et al., 2009). Banerjee et al. (2010a) have, however, pointed out 
that results may be difficult to interpret when pure enzymes are not 
used as additional activities in enzymes mixtures could impact on 
the result. 

Although some researchers have tried to predict the optimal ratios 
of enzymes for synergy on the basis of the relative composition of a 


substrate, Banerjee et al. (2010b) concluded that only actual bio¬ 
chemical assays with combinations of enzymes can determine opti¬ 
mal synergistic combinations on complex substrates. Chundawat et 
al. (2008) also indicated that “standard activity assays for enzymes 
do not correlate well with their hydrolytic potential for different lig¬ 
nocellulose substrates". Direct biochemical assays with enzyme com¬ 
binations impose some constraints on the evaluation of a large 
number of enzyme combinations on different substrates that have 
been subjected to different pretreatments. Thus several research 
groups have developed high-throughput methods to study synergis¬ 
tic relationships between enzymes (Banerjee et al., 2010a,c; Berlin 
et al., 2006b; Chundawat et al., 2008). 

Synergy studies in the literature can be grouped into studies of 
cellulase interaction, hemicellulase interaction and studies with com¬ 
bined enzymes on complex substrates. This will be examined in 
greater detail. 


5.1. Synergy studies using celluloses 

Synergy between cellulases have been identified between different 
cellobiohydrolases (with specificity for reducing and non-reducing 
ends); between endo and exo-glucanases; between endo-glucanases; 
between cellobiohydrolases, endo-glucanases and (Vglucosidases 
(Boisset et al., 2000, 2001; Lynd et al., 2002; Qi et al., 2007; Zhang and 
Lynd, 2004; Zhang et al„ 2010; Zhou and Ingram, 2000). The highest de¬ 
grees of synergy have generally been found on highly crystalline cellu¬ 
lose substrates such as bacterial cellulose (5-10) and cotton (3.9-7.6), 
while more amorphous cellulose generally display much lower degrees 
of synergy (0.7-1.8) (Valjamae et al., 1999; Zhang and Lynd, 2004). 
However, a study by Andersen et al. (2008) found the opposite with 
synergy displayed by cellulases on phosphoric acid swollen cellulose 
(3.1), while no synergy was displayed on Avicel. The degrees of synergy 
therefore appear to vary depending on the nature of the substrate, the 
specific nature of the enzymes and the assay conditions (Woodward, 
1991 ). Various reviews have been published on synergy between cellu¬ 
lases (Klyosov, 1990; Lynd et al., 2002; Nidetzky et al., 1994; Schwarz, 
2001; Walker and Wilson, 1991). 

While pretreatment of cellulose has been demonstrated to improve 
hydrolysis, it is not clear whether this is as a result of increased synergy 
or structural changes caused by the pretreatment. Pretreatment of cot¬ 
ton with acetone or ethanol improved degradation of this cellulose with 
a 98.6% conversion achieved (Gusakov et al., 2007). High yields were 
also achieved on Avicel pretreated with ionic liquids where a 100% con¬ 
version was achieved within 24 h with commercial enzyme mixtures 
(Samayan and Schall, 2010). The effect of pretreatments on the syner¬ 
gistic interactions between cellulases has been investigated by some re¬ 
searchers. Samejima et al. (1998) found no synergy on acid-pretreated 
bacterial cellulose using a cellobiohydrolase and endoglucanase, while 
Ramirez-Ramirez et al. (2008) found synergy between these two en¬ 
zymes on acid-pretreated Avicel. Thus the relationship between in¬ 
creased synergy and increased hydrolysis is not clear. 

The ratios of various cellulases used in different studies to obtain 
maximum synergy displayed large variations. Bothwell et al. (1993) 
used a ratio of endoglucanase to cellobiohydrolase of 3:1, while other 
studies used higher ratios of cellobiohydrolase to endoglucanase— 
Boisset et al. (2001) used 98.75% cellobiohydrolase to 1.25% endogluca¬ 
nase; Ramirez-Ramirez et al. (2008) used 8.1:1 cellobiohydrolase to 
endoglucanase; Berger et al. (2007) used 17:1 cellobiohydrolase to 
endoglucanase; and Jung et al. (2008) used a ratio of 10:1 cellobiohy¬ 
drolase to endoglucanase. Hoshino et al. (1997), on the other hand, 
found optimal synergy with a combination of 1:1 cellobiohydrolase to 
endoglucanase. It is not clear why such varied results have been 
found, but this may be as a result of enzyme characteristics, assay con¬ 
ditions or variations in substrate characteristics, particularly resulting 
from different pretreatments. These results confirm that the only 
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method to determine optimal synergy is through actual biochemical as¬ 
says with the specific enzymes and substrates. 

5.2. Synergy studies using hemicellulases 

With respect to hemicellulases, three types of synergies have been 
identified, namely homeosynergy, heterosynergy and anti-synergy 
(Coughlan and Hazlewood, 1993; Kovacs, 2009). Homeosynergy oc¬ 
curs between main-chain cleaving enzymes, while heterosynergy oc¬ 
curs between main-chain cleaving and debranching enzymes. 
Antisynergy is the term used when one enzyme inhibits the action 
of another enzyme, such as when a main-chain cleaving enzyme re¬ 
quires a substituent for its activity and a debranching enzyme 
removes that substituent (Kovacs, 2009). 

Due to the complexity of hemicellulose and the large number of 
enzymes required for its total hydrolysis, synergy studies have only 
identified some of the interactions that take place between different 
hemicellulases on different substrates. Enzymes with similar classifi¬ 
cation may also display large variations in substrate specificity, due 
to differences in active sites, the presence of multifunctional domains, 
varied carbohydrate binding domains, etc. The basis for this diversity, 
with multiple forms of similar enzymes produced within the same 
microorganism, is not clearly understood. For example Clostridium 
stercorarium produces eight different enzymes to degrade arabinoxy- 
lan, yet only seem to require three of these for degradation of this 
substrate (Adelsberger et al., 2004). 

It is argued that a main-chain cleaving enzyme will have enhanced 
activity if substituents are first removed through debranching enzymes 
(Vardakou et al., 2004), on the basis that the substituent poses a steric 
hindrance to the main-chain cleaving enzyme. Based on this, some 
studies have used the debranching enzyme as a type of pretreatment 
before addition of the main-chain cleaving enzyme in a sequential man¬ 
ner. In some cases, this has been effective, but in other cases not. It de¬ 
pends on the specificity of the enzymes in the reaction, as some main- 
chain cleaving enzymes require the presence of the substituent for its 
activity (Sorensen et al., 2007b; Vardakou et al., 2004). 

One of the main accessory enzymes used in lignocellulose degra¬ 
dation studies is endo-(Vl ,4-xylanases, but several families of endo- 
(3-1,4-xylanases exist with different specificities. Family 11 xylanases 
have a large active site and prefers cleaving main chains in unsubsti¬ 
tuted regions, while family 10 xylanases have a smaller active site and 
are able to cleave main chains closer to the substituent (Vardakou et 
al., 2004). Thus the family 10 xylanases do not generally require the 
removal of the substituent for its activity. Some endo-|V 1,4-xylanases 
are also found in family 8 but have not been characterised. The behav¬ 
iour and interaction of hemicellulases on complex substrates, where 
xylan further interacts with lignin, still requires extensive investiga¬ 
tion. For example, according to Vardakou et al. (2004) ferulic acid 
ester linkages to cinnamoyl residues in lignin did not affect the ability 
of endo-xylanases to cleave the main xylan chain, unlike arabinose 
substituents which do affect endo-xylanase activity, although differ¬ 
ences were observed between family 10 and 11 xylanases. The ferur- 
oyl esterase used in this study only displayed activity when the endo- 
xylanase created shorter feruroylated oligosaccharides. It is clear that 
multiple interactions occur between enzymes on complex substrates 
which still require investigation. 

The following are some of the synergy studies that have been 
reported in literature and the synergistic interactions that have 
been identified between hemicellulases: 

• Acetylxylan esterase and endoxylanase synergy—endoxylanase en¬ 
hanced the release of acetate while the acetylxylan esterase en¬ 
hanced the production of reducing sugars by the xylanase (but 
only on soluble substrates) (Cybinski et al., 1999). The acetylation 
limited the ability of the xylanase to act on acetylated xylans (Puls 
et al., 1991; Selig et al„ 2009). Kam et al. (2005) found that an 


acetylxylan esterase could work independently of the xylanase in 
deacetylation on the xylan, but the xylanase activity was enhanced 
by the presence of the acetylxylan esterase activity. 

• Feruroyl esterase and endoxylanase for release of ferulic acid and 
diferulic acid—Family 10 and 11 xylanases displayed different spec¬ 
ificities. The Family 11 xylanases enhanced the release of ferulic 
acid, while the Family 10 xylanases enhanced the release of diferu¬ 
lic acid (Faulds et al., 2003; Vardakou et al., 2004). Vardakou et al. 
(2004) found that endo-xylanases improved release of ferulic acid 
by 4.3 times. Family 10 xylanases were more efficient than Family 
11 and feruroyl esterase was not required for xylanase activity. 

• Synergy between xylanase, (3-xylosidase, acetyl xylan esterase 
(Raweesri et al., 2008) 

• Ferulic acid esterase and Family 10 and 11 endoxylanase—higher 
synergy with family 10 xylanase (McCLendon et al., 2011) 

• Exo- and endo-xylanase displayed 10-fold synergy on oatspelt 
xylan. Pretreatment with a-L-arabinofiiranosidase enhanced the 
activity of the exo-xylanases (Gasparic et al., 1995) 

• Endo-xylanase, (3-xylosidase and a-L-arabinofuranosidase synergy on 
arabinoxylan (De Vries et al„ 2000; Hashimoto and Nakata, 2003 ). See 
also Carapito et al. (2009) for a similar combination of enzymes but 
using a bifunctional xylosidase/arabinofuranosidase. (3-xylosidase 
synergistically enhanced endo-xylanase activity (Selig et al„ 2008). 

• a-L-arabinofuranosidase displayed synergy with an endoxylanase 
on oatspelt and arabinoxylan (Christakopoulos et al., 2000; Shi et 
al., 2010) 

• GH43 a-L-arabinofuranosidase and two GH51 a-L-arabinofuranosidase 
with different specificities displayed synergy in the release of arabinose 
from oatspelt xylan and soluble arabinoxylan (Sorensen et al„ 2006) 

• Synergy between commercial preparations on arabinoxylan (Sorensen 
et al„ 2003, 2005, 2007b) 

• Synergy between arabinofuranosidase and endo-arabinase (Yang et 
al., 2006) 

• Synergy between (Vmannanase and (Vmannosidase (Gubitz et al., 
1996) 

• a-galactosidase (GH27) and [Vmannanase synergy on guar gum 
(Wang et al., 2010) 

• Xylanase, mannanase and a-galactosidase used for softwood kraft 
pulp bleaching (Clarke et al„ 2000) 

Very little work has been performed on interactions between differ¬ 
ent hemicellulases that have different substrates, but which may be as¬ 
sociated with one another in lignocellulose. Hemicelluloses such as 
xylan and mannan, as well as pectin, are associated with one another 
in lignocellulose, although not covalently connected. But little is 
known about their interaction and whether hemicellulases have to co¬ 
operate synergistically to degrade their individual substrates. It is 
known that xylan prevents access of cellulases to cellulose and that 
the addition of xylanases in an enzyme cocktail improves the hydrolysis 
of cellulose. However, it is not known whether the same principle ap¬ 
plies with respect to mannan and pectin and whether these substrates 
also mask access of cellulases to cellulose. It would be worth investigat¬ 
ing whether the addition of mannanases and pectinases would not only 
improve hydrolysis of cellulose, but also of other hemicelluloses such as 
xylan. Limited research has been done on these interactions, but indica¬ 
tions are that these enzymes often display synergistic interactions on 
complex substrates (Beukes and Pletschke, 2011; Clarke et al., 2000; 
Dredge et al., 2011; Olver et al„ 2011). 

5.3. Synergy of enzymes in degradation of complex lignocellulose 
substrates 

The complexity of lignocellulose substrates requires numerous en¬ 
zymes, working in synergy, for its hydrolysis. The variation in struc¬ 
ture between substrates from different sources and the effect of 
different types of pretreatments further increase the complexity. A 


Studies on lignocellulosic substrates. Abbreviations: Cel (cellulase), EX (endo-xylanase), EM (endo-mannanase), EG (endo-glucanase), Arf (a-L-arabinofuranosidase), RgaeA (rhamnogalacturonan acetylesterase), RhgA (rhamnogalacturonan hydro¬ 
lase), pG (p-glucosidase), pX (p-xylosidase), FaE (ferulic acid esterase), FE (feruroyl esterase), AFEX (ammonium fibre explosion), LHW (liquid hot water). 


Substrate Pretreatment Enzymes 


Reference 


Corn stover AFEX 


Various pretreatments, 
acid and alkaline 
AFEX 


Miscanthus, 
switchgrass, 
DDGS, poplar 
Switchgrass 


Steam exploded 

AFEX, dilute NaOH, 
alkaline peroxide 


Ionic liquid 
pretreatment 

NaOH pretreatment 


AFEX,ARP, controlled 
pH, dilute acid, FT, lime, 
S0 2 


Douglas fir 


pretreatment 

Kraft pulp and refiner 
mechanical pulp 


CBH1, CBH2, EG, EX, pG, pX 80% Glc, 56% xyl 

FPU/CMCase/pG/xyl (4.4:1:75:829) (Commercial mixtures) 95% sugar 

CBH (Cel7A) Trichoderma reesei, pG(BG)(A niger) EX (XynA), pX (XlnD), and AXE (Axel) 

Six core (CBH1, CBH2, EG, pG, EX, pX) and ten accessory enzymes Core set alone-38.5% glucose released Core 

+ 5 accessories-52.1% glucose released 

Cellobiohydrolases, Cel7A, Cel6A, Cel6B; endoglucanases, Cel7B, Cell2A, Cel61A; and 15.5 mg/ml glucose 

p-glucosidase from Trichoderma viride T100-14 

Sbs core (CBH1, CBH2, EG, pG, EX, pX) and ten accessory enzymes Highest glc yields-corn stover (all 

pretreatments) Highest xylose-Com stover, 
Miscanthus, switchgrass Alkaline peroxide 
highest glcSixyl yields 

Accelerase, Spezyme/Novozyme 188, Celluclast/Novozyme 188 


Spezyme CP 91% glc yield (Spezyme) 

Novozyme 188 

Primafast (supplemented with Multifect xylanase) 

Commercial enzymes 73% glc, 84% xyl 

Spezyme CP, pG (Novozyme 188), Multifect xylanase, Multifect pectinase 

Cellulases from Agaricus arvensis (CBH, EG, pG) 293 mg sugar/g substrate 

Cel, pG, EX (Commercial mixtures Spezyme, Multifect) Best yield with dilute acid pretreatments 

(84.9%) 


Spezyme CP 85% glc yield (Spezyme) 

Novozyme 188 

Primafast (supplemented with Multifect xylanase) 

Celluclast 1.5, Novozyme 188 100% hydrolysis (kraft pulp) 


(2010) 
Samayan 
and Schall 
(2010) 


Wyman 
(2009a) 
Samayan 
and Schall 
(2010) 
Boussaid 


Organosolv Purified and crude enzyme extracts from 

pretreatment Chrysosporium 

lucknowense UV18-25 
Cellobiohydrolase (Cel6B) 
p-glucosidase from A japonicas added in excess 
NaOH pretreatment Commercial enzymes 

Spezyme CP, pG (Novozyme 188), Multifect xylanase, Multifect pectinase 


Eucalyptus 


Steam pretreated 


Cel (T. Viride) & pG (1.5:1) 


(1999) 

41 mg/ml glc Gusakov 

etal. 
(2007) 


74% glc, 78% xyl Sills and 

Gossett 
(2011) 

80% cellulose conversion in young wood Martin and 

Aguilera 
(1988) 





High temperature 
Steam pretreated 

Steam pretreated 
Catalytically delignified 
No pretreatment 

Lime pretreated 


Celluclast, Novozyme 
Celludast 1.5, Novozym 188 
CBH, EG, EX, EM, PG 
EM, EX, EG 
Arf, EM, EX 

Arf, EM, EX 


Steam pretreated 

AFEX, NH 4 OH 


Crude mixtures with Cel, EX, pG and FaE 

Spezyme (cel), Novozyme 188 (pG).Multifect xylanase 


Sulfuric acid 
NaOH pretreatment 


Crude cellulase-Trichoderma reesei ZU-02 
Cellobiase— Aspergillus niger ZU-07 
Crude enzymes Trametes hirsuta 


Acid pretreatment 


Celluclast 1.5, Novozyme 188 




Steam explosion at 
210 °C 

Steam pretreated 


Cel, pG, EX (Commercial mixtures) 10:5:1 
Celluclast, Novozyme 188 


Maize straw NaOH 

Rye straw, Steam explosion 

wheat straw pretreatment 


Crude cellulase-Trichoderma reesei ZU-02 
Cellobiase—Aspergillus niger ZU-07 

Cellulase complex (NS50013) and p-glucosidase (NS50010) 
and xylanase (NS50030) (Novozyme) 




Dried distillers 
Spear grass 


steam explosion 

AFEX 

LHW 


Cellulases and xylanases from Trichoderma reesei, recombinant 
feruloyl esterase (FAE) from Aspergillus niger and oxidoreductases 
(laccases from Pycnoporus cinnabarinus ) 

Commercial mixtures 

GC220 cel, Novozyme 188 (PG) Multifect pectinase, Depol 740 L (FE) 
AXE, EX ( Neocallimastix patriciarum) 


Sugar beet 


Xyl, RgaeA, Rhg 


Apple pomace 


Pectin lyase, EG 


Potato pulp Starch & pectin 

removed 

Mumcipal Steam pretreated 

organic 


Crude enzymes T. reesei RUT30 
Cel (NS50013), PG (NS50010) 


94% mono and oligosaccharide yields 
After delignification almost 100% yield 

Addition of EM increased overall yield by 
20-25% 

ND 

ND 

ND 

91% xyl, 80% glc 


83.9% 

85% glc 
85% glc 
84% Glc 
78 g/L glucose 

83-3% 

84.9 and 19.1% glucose and xylose (RS) 
78% and 29.5% glucose and xylose (WS) 

51.4% glc 

278 g sugars/kg (AFEX) 

261 g sugars/kg (LHW) 

2% acetate 
13.6% xylose 

ND 
36 g/L 


Romani et 
aL (2010) 
Varnai et 
al. (2010) 

al. (2011) 
Beukes et 
al. (2008) 
Beukes 
and Pletschke 
(2010) 

and Pletschke 
(2011) 
Gottschalk 


(2008) 
Chen et a 
(2007) 


(2010) 

Garcia-Aparicio et 
al. (2007) 
Rosgaard 
et al. 

(2007a) 

Chen et al. 

(2008) 


(2008) 
Cybinski et 
al. (1999) 
De Vries et 
al. (2000) 

aL^OS) 

(1993) 

Ballesteros 

etal. 


| 

£ 


(2010) 
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number of studies have investigated the synergy between multiple 
enzymes on lignocellulose substrates. Many of these studies have 
used commercial enzyme mixtures, although some studies used puri¬ 
fied enzymes. The degree of synergy displayed between enzymes in 
these studies was not always determined, as maximum hydrolysis 
of substrate, rather than synergy, was the primary objective. Syner¬ 
gistic interactions between enzymes were considered secondary to 
hydrolysis efficiency and yield as a method to achieve lower enzyme 
loadings. 

The complexity in degradation of lignocellulose results from the 
three dimensional structure of the plant cell walls and the complex 
interactions between different components. Access to cellulose is 
hampered by hemicellulose as well as lignin. Varnai et al. (2010) 
has established that lignin poses the greatest obstacle to cellulose 
degradation, with hemicellulose having a lesser impact. The removal 
of lignin (through pretreatment) has the biggest effect on hydrolysa- 
bility, while the obstacle of hemicellulose can be overcome with the 
use of accessory enzymes. It has been indicated that, even with low 
levels of xylan in substrates, xylanase supplementation assisted hy¬ 
drolysis by cellulases (Bura et al., 2009; Garcia-Aparicio et al„ 2007). 
Addition of xylanases to an enzyme cocktail for lignocellulose degra¬ 
dation has been demonstrated to improve hydrolysis as glucose re¬ 
lease increased in a linear fashion with xylose release (Kumar and 
Wyman, 2009a). Kumar and Wyman (2009a) indicated that this 
may be due to more than just the residual xylose and cellulose- 
xylan interactions. Other effects may be involved, such as the pres¬ 
ence of acetyl groups on the xylan which will reduce the efficiency 
of the depolymerising endo-xylanase (Kumar and Wyman, 2009a). 

The “quest" of many studies has been to determine the minimum 
number of enzymes required for maximum hydrolysis of a particular 
substrate, as this would be the most cost effective. Meyer et al. (2009) 
referred to the “minimum enzyme cocktail concept” for development 
of the minimum number of enzymes required to degrade a substrate. 
Banerjee et al. (2010a, b, c) identified a set of core enzymes as a start¬ 
ing point, the essential enzymes with which to commence optimisa¬ 
tion of hydrolysis. The core enzymes, according to Banerjee et al. 
(2010c) consisted of two cellobiohydrolases (CBH1 and CBH2 from 
T. reesei), an endoglucanase (EG1), a [Vglucosidase, a GH10 endo-(V 
1,4-xylanase, and a fVxylosidase. Using these enzymes as the basis, 
additional “accessory” enzymes were then identified for particular 
substrates pretreated in a particular manner (Banerjee et al., 2010c). 
The development of these enzyme cocktails for lignocellulose degra¬ 
dation therefore appears to focus on finding the appropriate accesso¬ 
ry enzymes to enhance the degradation of cellulose, while also 
achieving high yields of hemicellulose sugars. This is particularly rel¬ 
evant in cases where alkaline pretreatments have been used which 
resulted in the hemicellulose fraction remaining mostly intact. Acces¬ 
sory enzymes, identified by Banerjee et al. (2010c), for this purpose 
have included (Vmannanase, amyloglucosidase, a-arabinosidase and 
a-glucuronidase (Banerjee et al., 2010c). They found that different 
substrates required different accessory enzymes, for example, dried 
distillers grains (DDGS) required (Vmannanase and amyloglucosidase 
which was not required for corn stover. However, Xiros et al. (2009) 
even found that proteases had an impact on hydrolysis of DDGS and 
resulted in the release of ferulic acid. Banerjee et al. (2010b) also in¬ 
dicated that esterases, proteases and other non-hydrolytic proteins 
could have an impact on hydrolysis of lignocellulose, but did not eval¬ 
uate these enzymes. The model proposed by Banerjee et al. (2010b) 
of a core set of enzymes with subsequent evaluation of accessory en¬ 
zymes is a very useful approach. However, they only evaluated en¬ 
zymes with respect to their release of either glucose or xylose, 
rather than total monomer sugars. As a result, they found that 
completely different enzymes in different ratios were required for 
glucose or xylose release. This is not a sustainable from a commercial 
point of view and it is proposed that evaluation of total monomer 
sugars should be the objective for enzyme selection and optimisation 


of ratios. This may require the addition of further enzymes such as p>- 
mannosidase which may not have an impact on glucose release, but 
will increase mannose, and therefore total sugar monomer produc¬ 
tion. The model proposed by Banerjee et al. (2010b) also does not ac¬ 
commodate the use of commercial mixtures of enzymes. 

Limited studies have investigated the synergies between cellulases 
and accessory enzymes on complex lignocellulose substrates. This 
could provide valuable information on the contribution of accessory en¬ 
zymes for total degradation and further studies are required in this re¬ 
gard. Some of the following synergies have been reported for cellulase/ 
hemicellulase interaction on complex substrates (degree of synergy 
shown in brackets where reported): 

• Endo-mannanase (EM) and endo-xylanase (EX) on pretreated sug¬ 
arcane bagasse (2.85) (Beukes and Pletschke, 2011) 

• Arabinofuranosidase (Arf) and EM on untreated sugarcane bagasse 
(1.87) (Beukes and Pletschke, 2010) 

• Arf, EM and EX on lime pretreated bagasse (2.14) (Beukes and 
Pletschke, 2010) 

• EX and endo-glucanase (EG) on sugarcane bagasse (3.59) (Beukes 
et al., 2008) 

• EX and cellulases on corn cell walls (1.6) (Murashima et al., 2003) 

• Arf, EX, fVxylosidase (fiX) and acetyl xylan esterase (AXE) on corn 
cob and corn husk (1.32 and 1.21) (Raweesri et al., 2008) 

• Cellobiohydrolase (CBH), EX, AXE and ferulic acid esterase (FAE) on 
pretreated corn stover (84% increase) (Selig et al., 2008) 

• Arf, [Vgalactosidase (pGal) and EX on corn fibre gum and corn stem 
powder (2.3 and 2.9) (Kosugi et al., 2002) 

• FAE and 2 family 10 and 11 EXs on corn bran and destarched corn 
bran (1.9 and 1.1) (McCLendon et al., 2011) 

Most of the studies on hydrolysis of lignocellulosic substrates have 
focused on achievement of high yields and the enzyme combinations 
and ratios that lead to an increase in yield. Table 3 gives a summary of 
literature studies on lignocellulose substrates, the enzyme mixtures 
used and the yields obtained. 

Although methods of calculating yield can be problematic (see 
Section 6.2), an evaluation of yields based on Table 3 indicate that 
highest yields were achieved using crude or commercial enzyme mix¬ 
tures, on both grass and woody substrates. In some cases almost 100% 
conversion was reported (Boussaid and Saddler, 1999; Varnai et al. 
2010) with other yields reported to be as high as 85% (Hsu et al. 
2010; Jeya et al. 2010) and 91% (Samayan and Schall, 2010) glucose 
yield from total cellulose. 

6. Factors to be considered in synergy studies 

6.1. Measurement of synergism—degree of synergy 

The degree of synergy between enzymes is the ratio between the 
activity of the mixture and the sum of the individual activities on 
the same substrate (Andersen et al., 2008). It is occasionally also 
reported as a percentage enhancement of activity (Gottschalk et al., 
2010). The degree of synergy is a quantification of the ability of two 
or more enzymes to cooperate in their action on a substrate. Accord¬ 
ing to Andersen et al. (2008), the degree of synergy can be based on 
product formation, substrate conversion or rates of reaction. It is a 
measure to determine whether one enzyme is contributing to the 
ability of another enzyme to act on its substrate. This can give infor¬ 
mation about the structure of a substrate and information about the 
mechanism of action of an enzyme. It can also provide information 
on the mechanism of degradation of a substrate as well as the optimal 
ratios of enzyme required. Thus it could assist in optimisation of en¬ 
zyme loading and reduction of enzyme cost (Gao et al., 2011; 
Merino and Cherry, 2007). 

A degree of synergy of 1 or less is an indication that no synergy has 
taken place between enzymes, or that the enzymes could be competing 
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with one another for the same sites on the substrate. If the degree of 
synergy is close to 1, it could indicate, for example, that two substrates 
are not associated with each other. Very high levels of synergy could in¬ 
dicate that two enzymes work closely together. If no synergy is found, it 
does not mean that an enzyme is not required for hydrolysis of a sub¬ 
strate as it may be required for total degradation of the substrate. It 
probably indicates that the enzymes don't need to cooperate in order 
to do this and therefore work independently. 

The degree of synergy is sensitive to the molar ratios of enzymes 
used (Jeoh et al„ 2006), but is also affected by the total enzyme con¬ 
centration within the assay. According to Converse and Optekar 
(1993), the degree of synergy is low at low concentrations (two en¬ 
zymes used on cellulose), but also decreases when the enzyme load¬ 
ing is very high. Andersen et al. (2008) indicated that the use of low 
enzyme loadings allow detection of synergy (they used 0.1 pM). 
According to Andersen et al. (2008), “an intermediate enzyme load¬ 
ing is commonly considered to be 300-400 mg protein/1, i.e. approx¬ 
imately 20 filter paper units (FPU)/g cellulose or around 5.5 pM 
(calculated with the average cellulase MW of 70 kDa)" (Also see 
Zhang and Lynd 2006). One FPU is defined as the amount of enzyme 
releasing 1 pmol of reducing sugar from filter paper per ml per min. 
Thus the total protein concentrations in a synergy study could have 
an impact on whether synergy is observed and not just the ratios of 
enzymes. 

According to Andersen et al. (2008), the degree of synergy is also 
dependent on the properties of the substrate, the specific enzymes 
and other experimental conditions such as enzyme loading. Differing 
binding affinities of CBMs could lead an enzyme to occupy a binding 
site which another enzyme also targets and this could lead to compet¬ 
itive behaviour and lower synergy. At high enzyme loadings this 
would become more prominent. The degree of synergy must be inter¬ 
preted with reference to the known mechanisms of enzymes and the 
structure of the substrate. 

Andersen et al. (2008) indicated that the highest degrees of syner¬ 
gy are generally reported on highly crystalline substrates, but lower 
degrees of synergy are found upon a reduction of crystallinity (see 
also Zhang and Lynd, 2004). Flowever, their results indicated the op¬ 
posite, namely lower synergy on highly crystalline substrates, which 
was also found by Jeoh et al. (2008) (Andersen et al., 2008). 

For synergy on cellulose, Zhang and Lynd (2004) reported that 
endo-exo synergy increased with increased enzyme loadings below 
the point of saturation. But synergy decreased when enzyme loadings 
went above saturation level. Observed synergy is also higher if inhibi¬ 
tion by soluble products is minimised, i.e. addition of (3-glucosidase to 
cellulases to prevent inhibition by cellobiose (Zhang and Lynd, 2004). 
However, this was not found under all circumstances. 

Andersen et al. (2008) also indicated that degrees of synergy 
changed during the course of hydrolysis of the substrate as the struc¬ 
ture of the substrate is modified by the enzymes, with highest syner¬ 
gy observed at the beginning. Boisset et al. (2001) proposed an 
explanation for this phenomenon, indicating that the number of 
sites for enzyme activity is maximal at the beginning of digestion 
which results in higher synergy at this point. As the easy digestion 
sites become reduced over time, the activity and synergy becomes 
lower (Boisset et al., 2000; Jeoh et al., 2006). However, Jung et al. 
(2008) observed the opposite, namely that the degree of synergy in¬ 
creased over time with the hydrolysis of bacterial cellulose. The en¬ 
zyme action may result in an opening up of the substrate, giving 
access to more sites for the enzymes to act on. 

When examining the literature, it becomes apparent that the point at 
which the highest degree of synergy was measured did not always corre¬ 
spond to the highest yield of sugars (Andersen et al., 2008). It is therefore 
questioned whether enzyme ratios that resulted in the highest levels of 
synergy contributed to the highest yield. Klyosov (1990) indicated that 
synergism between enzymes resulted in enhanced product formation, 
which suggested that increased yield of product should go hand in hand 


with increased synergy. However, this correlation has to be investigated 
further as it does not appear to be supported by the literature under all 
circumstances. For example, an endo-glucanase and endo-xylanase may 
display high levels of synergy (as evaluated by increased activity), but 
not lead to increased glucose formation. 

Where yield of monomer sugars is the most important, synergy 
may be of secondary importance. However, indications are that ratios 
of enzymes optimised to give highest synergy may lead to optimised 
loading of enzymes (and reduced loading of cellulases) (Gao et al., 
2011; Merino and Cherry, 2007), as well as identification of enzymes 
that contribute to overall hydrolysis of the substrate (Selig et al., 
2008). Evaluation of both synergy and yield and their relationship 
would be useful for understanding degradation of lignocellulose and 
optimisation of enzyme combinations. 

6.2. Hydrolysis yield/efficiency of bioconversion 

Efficiency of enzyme action on a substrate may be measured in 
many different ways and the method chosen will depend on the ob¬ 
jectives of a particular study. From a biotechnological perspective, 
the main objective is to determine whether the conversion to mono¬ 
mer sugars has taken place and subsequently the percentage of car¬ 
bohydrates in the original substrate that was converted. Mostly, the 
yield of glucose (from cellulose) is measured and efficiency assessed 
in terms of glucose yield. Occasionally, the yield of other sugar mono¬ 
mers such as xylose may also be assessed. It is interesting to note, 
however, that different enzymes in different ratios may be required 
for glucose yield as compared to xylose yield (Banerjee et al., 2010c). 

When studying the effect of one or two enzymes on a substrate to 
elucidate mechanisms or determine synergistic actions, other types of 
measurement are often used. Such enzymes may not release monomer 
sugars and thus quantification has to take place in another manner. One 
of the main methods used, is an assay for reducing sugar formation, 
such as the dinitrosalicylic acid (DNS) assay or the Somogyi-Nelson 
assay. These methods measure the rate of enzyme activity, but cannot 
be used as an accurate reflection of yield as it does not measure mono¬ 
mer sugar production. Some researchers also measure whether a reduc¬ 
tion in the degree of crystallinity in crystalline cellulose has taken place. 
This can be done through a method such as X-ray diffraction, although 
results have to be interpreted with caution (Park et al., 2010). Other ob¬ 
jectives may be the measurement of the contribution of a specific en¬ 
zyme in removal of steric hindrances on a substrate. An example 
would be the release of arabinose (Hashimoto and Nakata, 2003), pre¬ 
sent as a substituent on arabinoxylan, or the removal of acetyl groups 
on acetylated xylan (Cybinski et al., 1999), or the release of ferulic 
acid from linkages between lignin and hemicellulose (Faulds et al., 
2003), all of which have been demonstrated to hinder the activity 
of enzymes such as endo-xylanases and thus overall degradation. 
Some researchers have also used a reduction in molecular weight 
of the substrate as an indication of enzyme efficiency (De Vries et 
al., 2000). 

The main objective in biomass conversion is, however, the degra¬ 
dation of carbohydrates within the substrate to monomer sugars, 
with particular reference to glucose. Therefore we will focus on the 
measurement of hydrolysis yield in this context. It should be noted 
that, for economically feasible bioethanol production, certain targets 
for sugar yield are indicated. The literature indicates that a sugar 
yield of 8% (w/w) is required from a bioreactor in order to achieve a 
4% (w/w) final ethanol concentration (Kristensen et al., 2009a). At 
these levels of ethanol, the energy requirement for distillation is re¬ 
duced, making the process more economical. Chen et al. (2008) rec¬ 
ommends a similar 80g/L initial sugar yield in order to produce 
40 g/L ethanol. This has an impact on the initial substrate loading, 
which should be above 20% (w/v), depending on the substrate, in 
order to achieve such yields (Kristensen et al„ 2009a). The level of 
substrate loading could also be dependent on which sugars will be 
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utilised for fermentation. The actual required loading levels may vary 
depending on the carbohydrate and lignin composition of the sub¬ 
strate. Obviously, during optimisation of enzyme ratios, lower sub¬ 
strate levels are used in order to better detect synergistic actions as 
discussed in Section 6.1. 

Determination of the yield of sugar monomers produced concerns two 
aspects. Firstly, an accurate assessment of the composition of the initial 
substrate must be carried out to give total carbohydrates, which can fur¬ 
ther be quantified as total cellulose and hemicellulose, including type of 
hemicellulose. Secondly, the yield of sugars released by enzyme action 
into the supernatant must be appropriately quantified. According to 
Kristensen et al. (2009a), yield is often overestimated, particularly at 
high solid loadings, and they propose how this can be addressed. 

Prior to calculation of yield, the substrate composition has to be de¬ 
termined. The National Renewable Energy Laboratory (NREL) has pub¬ 
lished a protocol on the determination of lignin and carbohydrate 
content in lignocellulose (Sluiter et al., 2008). Various methods have 
also been published in the literature of which Foyle et al. (2007) gives 
a good review. Ideally, carbohydrate analysis for determining yield 
must be done on the substrate after pretreatment, as the pretreatment 
may lead to degradation of the polysaccharide fraction of the biomass. 
Alternatively, the loss of sugars during pretreatment must be measured 
and incorporated into calculations (Kumar and Wyman, 2009a). 

The determination of sugar yield after enzymatic action can be done 
in various ways. Many sugar assays, such as the DNS assay, only mea¬ 
sures reducing sugars and is therefore more appropriate to determine 
the rate of enzyme activity or the reduction in degree of polymerisation 
of the substrate. Such assays also have different responses for different 
sugars and will give different values depending on the sugar used as a 
standard. While this may be an acceptable measure of the rate of en¬ 
zyme activity for calculations of synergy, it does not indicate whether 
monomer sugars, suitable for bioethanol production, are present For 
this purpose, yield should be determined based on the monomer sugars 
that are formed during enzymatic degradation. This is generally carried 
out by HPLC analysis and various columns and methods can be used 
(NREL method by Sluiter et al. 2006). Using appropriate standards, for¬ 
mation of glucose, xylose, arabinose, mannose, etc. can be quantified in 
this manner. Enzyme assays, using a kit from Megazyme, can also be 
used for specific identification of sugars. Once the sugars have been 
quantified, the percentage yield with respect to the original carbohy¬ 
drate composition can be calculated. Reporting of yield with respect to 
the total mass of the substrate would not be accurate as it may contain 
non-sugar components such as lignin, proteins and ash. The mass of the 
substrate may also be high as a result of hydration which would cause a 
significant underestimation of the yield. 

The standard calculation for yield as proposed by the NREL is: 


Percentage hydrolysis = 


[Glc] + 1.0526 x [Cel] 

1.111 x F rp ,,„ )n „ x [Ini.sol] x 100T 


Where 

[Glc] is the concentration of glucose in the supernatant 

[Cel] is the concentration of cellobiose in the supernatant 

Fceiiuiose is the concentration of the cellulose in the substrate 
[Ini. Sol] is the concentration of the initial solids in grammes per litre 

The equation is based on the assumption that the specific gravity 
of all components is 1.000 g/ml, and the assumption that the volume 
of the reaction remains the same. 

This equation only measures the yield of glucose and cellobiose, 
but similar equations can be used for the determination of xylose or 
other sugars, with some modifications (Kumar and Wyman, 2009a). 


Another, simpler method for quantifying yield was used by 
Garcia-Aparicio et al. (2007). 


Hydrolysis yield (%) 


glucose (g) x 0.9 

polysaccharides in substrate (g) x 100 


where 0.9 is a correction factor to compensate for the addition of a 
water molecule during hydrolysis. This value changes to 0.88 for 
xylan and 0.95 cellobiose. 

These calculations have become relatively standard in the litera¬ 
ture for determination of yield. However, several authors have criti¬ 
cised these methods as they may cause a significant overestimation 
of yield, specifically under conditions of high substrate loading, as 
would be required to achieve economically feasible yields 
(Kristensen et al., 2009a). These authors point out that the main 
shortcoming of the standard calculation is the assumption that the 
specific gravity of all components is the same and that the volume 
does not change. When using high substrate loadings, the solids in 
the reaction decrease over time, while the volume as well as the spe¬ 
cific gravity (and viscosity) of the liquid fraction increase (Kristensen 
et al., 2009a). Thus yields are overestimated if based on the initial vol¬ 
ume remaining the same, sometimes up to 36% (Kristensen et al., 
2009a). If yields are inaccurately calculated, comparison of various 
technologies is difficult. Calculating the density of the liquid and mea¬ 
suring the remaining solids concentration could give more accurate 
calculations of yield, as proposed by Zhu et al. (2011), however, this 
could become laborious. Therefore Kristensen et al. (2009a) proposed 
a 10 times dilution of a representative slurry sample, followed by re¬ 
moval of solids and measurement of sugars in the supernatant based 
on the diluted volume. This reduces the error substantially from 30% 
to 3-5%, allowing more accurate estimation of yields (Kristensen et 
al., 2009a). 

6.3. Selection of enzymes 

When selecting enzymes for degradation of lignocellulose sub¬ 
strates, the initial choice has to be made between customised cock¬ 
tails of individual enzymes or using commercial, crude mixtures of 
enzymes. From Table 3 it is clear that both types are used in the 
literature. 

Companies such as Novozymes and Genencor, through subsidisa¬ 
tion by the US government, have strived to improve the cost and ef¬ 
fectiveness of enzymes for biofuel production by producing crude, 
commercial mixtures (Banerjee et al., 2010b). Some of these mixtures 
may contain up to 80 proteins (Spezyme) and the exact composition 
is not known; a factor which is heavily criticised by Banerjee et al. 
(2010b). Based on the US funding requirements, enzyme companies 
were tasked to improve enzyme cost with respect to degradation of 
acid-pretreated corn stover (Banerjee et al., 2010b, Merino and 
Cherry, 2007). These commercial mixtures are therefore not opti¬ 
mised for other types of biomass or other types of pretreatment and 
further enzymes may have to be added to achieve optimised com¬ 
binations. Qing and Wyman (2011) indicated that an important 
shortcoming of commercial mixtures is the shortage of xylanase 
activity. 

The biggest drawback of using commercial enzyme mixtures is the 
lack of characterisation of the enzymes in the mixtures. Where they 
are used, it is important to establish the enzyme activities present 
and the ratios of these activities within this mixture. Addition of fur¬ 
ther purified enzymes or mixtures can then be made to supplement 
the activities present. Table 4 gives some of the literature reports 
with respect to the activities found in different commercial prepara¬ 
tions which may assist in selection of an appropriate mixture for a 
given substrate. Where two enzymes (or activities) are added with 
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Table 4 

Commercially available enzyme mixtures and the range of activities that have been reported for these mixtures. Actual activities may vary based on assay conditions. 


Reported enzyme activities (U/ml unless otherwise specified) 


Celluclast 1.5 L FG Novozyme 

Novozyme 188 Novozyme 


Spezyme CP 


Genencor 


Multifect (xylanase) 


Genencor 


Multifect (pectinase) Genencor 

Accelerase 1000 Genencor 


Primafast Luna CL 
GC220 

Shearzyme 

NS50013 


Genencor 

Genencor 

Novozyme 

Novozyme 


NS50010 

NS50030 

Viscozyme 


Novozyme 

Novozyme 

Novozyme 


65 FPU, 12 (3-glucosidase, 660 xylanase (bwx) (Garcia-Aparicio et al. 2007; Sorensen et al. 2003) 

60.7 FPU, 6.5 p-glucosidase (Pryor and Nahar, 2010) 

8.5 FPU, 665 p-glucosidase, 123 xylanase (osx), 29.3 a-arabinofuranosidase, 16.6 p-xylosidase, 

116 a-galactosidase, 0.6 feruroyl esterase (Dien et al. 2008) 

(U/mg) 1 endoglucanase, 0.35 exoglucanase, 14.75 p-glucosidase, 10 p-xylanase, 0.22 p-xylosidase, 
0.09 a-arabinofuranosidase (Prior and Day. 2008) 

0.1 FPU, 661 p-glucosidase (Pryor and Nahar, 2010) 

58.2 FPU/ml, 128 p-glucosidase, 2622 xylanase(osx), 22.6 a-arabinofuranosidase, 7.3 p-xylosidase, 
0.39 a-galactosidase (Dien et al. 2008) 

(u/mg) 1.4 FPU, 21.8 CMCase, 0.09 exoglucanase, 1.82 p-glucosidase, 15 p-xylanase, 0.56 p-xylosidase, 
0.38 a-arabinofuranosidase (Prior and Day, 2008) 

55.2 FPU, 15.4 p-glucosidase (Pryor and Nahar, 2010) 

0.77 FPU, 35.9 p-glucosidase, 25,203 xylanase (osx), 9.44 a-arabinofuranosidase, 22.6 p-xylosidase, 
2.39 a-galactosidase, 1.3 p-coumaroyl esterase (Dien et al. 2008) 

(U/mg) 6.3 endoglucanase, 0.46 exoglucanase, 3.3 p-glucosidase, 209 p-xylanase, 4.9 p-xylosidase, 
3.21 a-arabinofuranosidase (Prior and Day, 2008) 

4.18 FPU, 345.8 p-glucosidase, 1664 xylanase (osx), 1862 a-arabinofuranosidase, 186.2 p-xylosidase, 

31.9 a-galactosidase, 9.67 feruroyl esterase, 21.7 p-coumaroyl esterase (Dien et al. 2008) 

93 FPU, 7.3 CMCase, 1632 p-glucosidase, 849-xylanase (Lin et al„ 2011) 

67.3 FPU, 84.2 p-glucosidase (Pryor and Nahar, 2010) 

Endoglucanases, no exoglucanase (Samayan and Schall 2010) 

92.8 FPU, 99.7 p-glucosidase, 2782 xylanase 9(osx), 3.06 a-arabinofuranosidase, 7.3 p-xylosidase, 

3.9 a-galactosidase 

27 FPU, 5.0 p-glucosidase, 2293 xylanase (bwx) 

(Garcia-Aparicio et al. 2007) 

63 FPU, 8 p-glucosidase, 1117 xylanase (bwx) 

(Garcia-Aparicio et al. 2007) 

992 p-glucosidase, 124 xylanase (bwx) (Garcia-Aparicio et al. 2007) 

1.0 p-glucosidase, 3760 xylanase(bwx) (Garcia-Aparicio et al. 2007) 
p-glucanase (Sorensen et al. 2007a), 


the same apparent function, caution should be used as these enzymes 
could compete with each other for the same active sites. 

Banerjee et al. (2010a) argues that commercial mixtures contain 
many nonessential enzymes and that removing these could increase 
specific activity and therefore lower the enzyme cost. However, no 
cost comparisons have actually been done to establish whether com¬ 
binations of individual enzymes would be cheaper than crude mix¬ 
tures, as individual purifications would certainly be more costly to 
prepare than crude mixtures. It is possible that the composition of 
crude mixtures could be improved by modifying the growth substrate 
on the basis that different combinations of enzymes will be induced 
by the specific characteristics of the substrate (Sipos et al., 2010a). 
There are clear indications that proteins, with still unknown function, 
may contribute to the hydrolysis of lignocellulose. Thus it can be argued 
that crude mixtures may be preferable to individual enzymes as 
many of these apparently superfluous proteins may contribute to 
hydrolysis. 

Where individual, purified enzymes are used, the individual prop¬ 
erties of enzymes (Lin et al„ 2011) are an important factor in the se¬ 
lection of enzymes. Various properties should be considered in the 
selection of enzymes, such as pH and temperature optima which 
should be compatible with other enzymes and proposed reactor con¬ 
ditions. Enzymes should have high stability at the reaction conditions 
as this could affect the enzyme usage and achieve lower costs 
(Dijkerman et al., 1997). Enzymes should have high specific activity, 
which would result in lower enzyme dosages and therefore reduce 
costs. Data for specific activities of cellulases from bacteria and fungi 
are, for example, listed by Howard et al. (2003) and could be used 
for the selection of enzymes. A high specific activity can also result 
from increased purity of enzymes, although increased purification 
steps may make enzymes more costly. Cross-specificity of enzymes 
(or multifunctionality) must be considered as this may result in en¬ 
zymes competing for the same sites if they have an overlap of func¬ 
tions. An enzyme with dual functionality may also alleviate the 
necessity for an additional enzyme and thus reduce costs. 


6.4. Enzymes and whole cell synergy 

Lu et al. (2006) examined the effect of microbial cells on sacchar- 
olytic efficiency in the case of Clostridium thermocellum and demon¬ 
strated that using whole microorganisms for degradation had an 
enhancing effect when compared to purified enzymes without the 
microbes (Lu et al„ 2006). It thus appears as though the presence of 
the microbe itself was able to enhance the hydrolysis rate which 
has important implications for bioprocessing. This may, however, 
only be valid in the case of cellulosomal organisms where the cellulo- 
some is attached to the cells during initial stages of hydrolysis and me¬ 
diates attachment to the substrate. It does not appear to have been 
examined for other microorganisms, although Wei et al. (2009) indicate 
that plant cell wall-microbe-enzyme interaction may also occur in 
fungi as they are multicellular with [Vglucosidases bound to the cell 
walls. 

6.5. Sequential or simultaneous synergy 

Synergistic effects between two enzymes may vary when enzymes 
are used simultaneously or sequentially to hydrolyse a substrate (Doi, 
2008). Based on the structure of lignocellulose, two main hypotheses 
emerge with respect to the potential for sequential synergy to take 
place. If hemicellulose blocks access of cellulases to cellulose, then re¬ 
moval of hemicellulose prior to addition of cellulases should display 
sequential synergy. The second scenario is that removal of substitu¬ 
ents from a substituted substrate such as arabinoxylan would allow 
the endo-acting enzyme to work more effectively to cleave the back¬ 
bone in a sequential fashion. However, based on the literature, the sit¬ 
uation is more complex. 

Murashima et al. (2003) examined the synergy between xylanase 
minicellulosomes (XynA) and cellulase minicellulosomes but found 
that synergistic effects occurred during simultaneous reactions but 
not during sequential reactions. Kumar and Wyman (2009a) similarly 
investigated the effect of sequential or simultaneous addition of 
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xylanase with cellulase on the degradation of poplar and found no 
difference between sequential or simultaneous reactions. In fact, 
they found that substrate digestibility was slightly lower when cellu¬ 
lase was added 72 h after xylanase, probably due to the inhibitory ef¬ 
fect of xylo-oligomers on cellulase activity (Kumar and Wyman, 
2009a). De Vries et al. (2000) examined sequential and simultaneous 
synergistic effects with respect to main-chain cleaving and accessory 
enzymes in hydrolysis of arabinoxylan and found that simultaneous ad¬ 
dition of enzymes exhibited the highest rate of hydrolysis. Sorensen et 
al. (2007a) also found that main-chain and side-cleaving activities oc¬ 
curred almost simultaneously on arabinoxylan. 

In contrast, Raweesri et al. (2008) determined that sequential addi¬ 
tion of debranching enzymes before depolymerising enzymes acting on 
xylan gave the highest synergy. In a study on bacterial cellulose, 
Valjamae et al. (1999) found that sequential addition of endocellulase 
and then exocellulase gave a synergistic effect on bacterial cellulose, al¬ 
though this was not found with bacterial microcrystalline cellulose. This 
is most likely as a result of the removal of the amorphous portions of the 
bacterial cellulose in the preparation of the bacterial microcrystalline 
cellulose. Puls et al. (1991) indicated that the sequence in which en¬ 
zymes are used may result in different products forming. 

Determining whether synergistic effects occur simultaneously or 
sequentially may be important in understanding the characteristics 
of enzymes and the mechanism of cooperation between enzymes. 
However, results indicate that differences in enzyme and substrate 
characteristics make it difficult to predict whether simultaneous or 
sequential addition of enzymes would achieve the highest synergy 
and that the hypotheses are only valid in some instances. 

6.6. Role of carbohydrate binding domains (CBMs) in synergy 

Enzymes may bind to a substrate through their active site or through 
a separate module termed a carbohydrate binding domain (CBM). 
CBMs are important as they allow the enzymes to remain bound to 
the substrate while they hydrolyse bonds (Boraston et al., 2004). The 
role of the CBM has been termed an “intramolecular synergism” be¬ 
tween the CBM and the active site by Din et al. (1994) as the activity 
of the enzyme is enhanced by the presence of a CBM domain. 

CBMs are amino acid sequences involved in recognition of and bind¬ 
ing to polysaccharides. CBMs are classified into families based on amino 
acid sequence similarity and Boraston reported that 39 families of CBM 
existed (Boraston et al., 2004), although the Carbohydrate Active 
Enzyme database (www.cazy.org) list 64 families (Cantarel et al. 
2009). Within families, CBMs are subclassified where type A CBMs are 
also termed surface-binding CBMs and bind to insoluble, crystalline 
substrates such as cellulose or chitin (Boraston et al., 2004); Type B 
CBMs bind to soluble polysaccharide chains and type C binds to small 
sugars (Boraston et al., 2004; Shoseyov et al„ 2006). 

The CBM functions to concentrate the enzyme on the surface of 
the substrate and this is thought to lead to improved degradation of 
the substrate which has been shown experimentally (Boraston et 
al., 2004). However, it has been shown in some instances that remov¬ 
al of the CBM from an enzyme only affected activity on the substrate 
where such substrate was insoluble (Boraston et al., 2004). The CBM 
is also able to cause disruption of cellulose fibres without any corre¬ 
sponding hydrolytic activity (Boraston et al., 2004; Gilbert, 2010; 
Shoseyov et al. 2006). However, the ability of a CBM to disrupt a sub¬ 
strate such as crystalline cellulose has only been shown in a few cases 
and does not apply in general to all CBMs (Boraston et al., 2004; Din 
et al., 1994; Hilden and Johansson, 2004). 

The CBM plays a very important role in substrate binding and tar¬ 
gets the enzyme towards specific substrates, conferring selectivity in 
binding. It was illustrated that where the CBM of an enzyme was 
changed, the substrate specificity of the enzyme was changed (Araki 
et al„ 2004; Boraston et al., 2004). CBMs have also been shown to se¬ 
lectively bind to certain areas of a polysaccharide, such as the 


reducing end, allowing the enzyme access to sections that may be 
preferentially degraded. By targeting different regions of a substrate 
through different CBMs, the same enzyme may be able to hydrolyse 
a substrate more efficiently (Boraston et al., 2004). 

It has been established that there is a clear relationship between 
adsorption of enzymes to the substrate and the efficiency of substrate 
hydrolysis which is closely linked to the presence of the CBM 
(Kotiranta et al., 1999; Varnai et al., 2010). On the other hand, it has 
also been established that non-productive adsorption of enzymes on 
lignocellulose substrates takes place and affects hydrolysis efficiency 
(see Section 6.11). Palonen et al. (2004) established a clear correla¬ 
tion between the CBM on cellulases and the non-productive adsorp¬ 
tion onto lignin. The cellobiohydrolases were adsorbed non- 
specifically through their CBM sites rather than their active sites, 
whereas endoglucanases were adsorbed through their active sites. It 
is also known that pretreatments may reduce the crystallinity of a 
substrate and disrupt the structure. Whether this affects the adsorp¬ 
tion behaviour of enzymes with different types of CBMs must still 
be established. 

6.7. The role of multifunctional enzymes (enzymes with cross-specificity) 

Cross-specificity occurs where an enzyme has activity on more than 
one substrate. This has been reported for a cellulase from Trichoderma 
viride which had activity on both carboxymethylcellulose and xylan 
(Wong et al., 1988). Some (Vglucosidases have wide specificity and 
also display [Vxylosidase activity (Wong et al., 1988). Other examples 
include an cellobiohydrolase with xylanase activity (Rouau and Odier, 
1986), a Family 43 arabinofuranosidase with xylosidase activity 
(Wagschal et al., 2009), a xylanase (XynlOB) from C. thermocellum 
which also has a feruroyl esterase module (Prates et al., 2001) and a 
xylanase (XynA) from C. cellulovorans with an acetyl esterase module 
(Kosugi et al., 2002). 

In some cases the cross-specificity is facilitated by an active site that 
is able to non-specifically bind to a number of different substrates to 
cleave different bonds. In other cases, the enzyme may contain distinct 
catalytic domains, each with their own specificity. In the latter case, the 
amino acid sequence will reveal the cross-specificity as the distinct cat¬ 
alytic domains can be identified. Otherwise, assays on specific sub¬ 
strates have to be carried out to determine cross-specificity. 

A multifunctional enzyme may have an advantage for selection in a 
bioconversion bioreactor as it can perform more than one function, thus 
lowering the required number of enzymes to perform the overall hy¬ 
drolysis. However, this may have unintended consequences. Boisset et 
al. (2001 ), for example, examined the synergy between two cellobiohy¬ 
drolases and an endoglucanase. One of the cellobiohydrolases also dis¬ 
played some endoglucanase activity and when this cellobiohydrolase 
was used in conjunction with the endoglucanase, activity was affected 
and synergy was lower. They concluded that it was as a result of the 
competitive action of the two enzymes on the same target sites. 

6.8. Reactor conditions that affect hydrolysis—pH, temperature and 
mixing 

Enzymes are optimally active at a specific pH and temperature. 
These reactor conditions must be optimised to achieve optimal hy¬ 
drolysis of substrates. The situation can be further complicated in 
SSF and CBP processes where conditions must also be optimal for 
the microorganisms involved in saccharification and fermentation. 
Where enzymes are not operating under optimal conditions, higher 
enzyme loadings may be required in order to achieve the same level 
of hydrolysis efficiency and this will affect the overall cost of the 
process. 

Faulds et al. (2008) investigated the effect of pH on solubilisation 
of brewer's spent grain over a range of pH 3.2-11.2. An enzyme mix¬ 
ture from Trichoderma (Depol 686, Biocatalysts) was efficient at low 


J.S. Van Dyk, B.I. Pletschke / Biotechnology Advances 30 (2012) 1458-1480 


1471 


pH, while an enzyme mixture from Humicola (Depol 740, Biocata¬ 
lysts) was effective over the entire pH range. In the Depol 686 mix¬ 
ture, side-chain cleaving enzymes such as arabinofuranosidase lost 
activity at higher pH levels and cellulase activity was absent at pH 
7.5. In the Humicola mixture (Depol 740), optimum activities were 
between pH 6 and 8, with maximum solubilisation occurring at pH 9. 

When dealing with lignocellulose substrates that are insoluble, 
suspension and mixing of the substrate in the assay or reactor may 
have an impact on hydrolysis. Particularly in large reactions, mass 
transfer limitations become important (Chundawat et al„ 2008). 
Chundawat et al. (2008) indicated that increased agitation had an im¬ 
pact on Avicel conversion. Samaniuk et al. (2011) even referred to 
high intensity mixing as having a synergistic effect with enzyme hy¬ 
drolysis. However, other authors have argued that intensity of agita¬ 
tion had no effect as long as the solids remained suspended. 
Compounds such as glycerol may also be added to reduce settling of 
particles (Chundawat et al., 2008). While Chundawat et al. (2008) 
recommended mixing speeds of up to 400 rpm, Champagne and Li 
(2009) indicated that mixing above 200 rpm resulted in decreased 
hydrolysis as enzyme activity is lowered. Merino and Cherry (2007) 
have also indicated that the type of mixing could have an impact on 
hydrolysis. When comparing mixing of reactions in an orbital shaker 
as opposed to mixing by tumbling, more efficient hydrolysis was 
achieved through tumbling. They pointed out that this could be an 
important factor in hydrolysis of less severely pretreated substrates 
where hydrolysis rates are often slower. Mixing has also been inves¬ 
tigated with respect to improvement of hydrolysis at high substrate 
loadings which is further discussed in Section 6.12. Some authors in¬ 
dicated that more intense mixing could improve hydrolysis at high 
substrate loadings (Wang et al„ 2011) while others contradict this 
(Kristensen et al., 2009b). Although mixing had an effect, intense or 
continuous mixing was not required to overcome mass-transfer limi¬ 
tations for efficient hydrolysis, but mixing obtained in flask studies 
was not considered adequate (Roche et al., 2009). Stability of en¬ 
zymes at various mixing intensities could be examined to determine 
specific characteristics of enzymes. 

6.9. Inhibitors and feedback inhibition 

Inhibitory compounds may be formed during the pretreatment of 
substrates which could have an impact of the saccharolytic enzymes 
as well as the organisms involved in fermentation of sugars into 
bioethanol. In addition, enzyme activity may also be affected by the 
products of their own actions as well as the products formed by other 
enzymes. During SSF or CBP processes, the ethanol formed may also 
have an inhibitory impact on the enzymes as well as the organisms. 
Lignin within the substrate may also have an inhibitory effect on en¬ 
zymes as well as on the organisms involved in the subsequent fermen¬ 
tation. Understanding the inhibition behaviour of enzymes is a key 
factor in achieving optimal hydrolysis as steps may be taken to prevent 
or remove the inhibitory compounds. 

During pretreatment, various inhibitors may be formed, such as 
phenolics, furfural, 5-hydroxymethyl furfural, p-coumaric acid, gallic 
acid, vanillic acid, acetovanillone, guaiacol and protocatechuic acid, 
hydroxy-cinnamic, and 4-hydroxybenzoic acids (Hendriks and 
Zeeman, 2009; Palmqvist and Hahn-Hagerdal, 2000). Different pre¬ 
treatments generate different inhibitory compounds and the review 
by Hendriks and Zeeman (2009) provides a summary of the types 
of inhibitors formed by specific pretreatments and their impact on 
other processes in bioconversion and fermentation. The review by 
Palmqvist and Hahn-Hagerdal (2000b) specifically investigated the 
impact of inhibitors on fermentation. Various studies have been con¬ 
ducted on the effect of phenolic and lignin degradation compounds 
on saccharolytic enzymes. Ximenes et al. (2011) investigated the ef¬ 
fect of tannic, gallic, hydroxy-cinnamic, and 4-hydroxybenzoic acids, 
as well as vanillin on cellulases and (i-glucosidases and found 20- 


80% deactivation. Inhibition varied based on the specific enzymes, 
the source it was derived from and the particular compound 
(Ximenes et al., 2011). Although phenolic inhibitors resulting from 
pretreatments can be successfully removed by washing of the sub¬ 
strate, up to 15% of the sugars in the biomass may be lost in this man¬ 
ner (Chundawat et al., 2007). 

The presence of lignin in the substrate may also have an inhibitory 
impact on the enzymes involved in hydrolysis. Berlin et al. (2006a) 
found that cellulases, xylanases and (Vglucosidase displayed inhibi¬ 
tion by lignin preparations, with (Vglucosidase being the least affect¬ 
ed. Senior et al. (1991) also confirmed the inhibition of xylanases by 
lignin. Sewalt et al. (1997) found that cellulases were inhibited up 
to 60% by increased concentrations of lignin. Kaya et al. (2000) 
found that soluble lignin could activate xylanases at low concentra¬ 
tions, but lignin degradation products caused inhibition at higher 
concentrations. Morrison et al. (2011) found that lignin had no signif¬ 
icant effect on a xylanase (XynA) from C. cellulovorans. 

During enzymatic hydrolysis, oligosaccharides, disaccharides and 
monomers are formed which may cause an inhibition of the enzymes 
involved and when these reach high concentrations, could have an 
impact on hydrolysis efficiency. According to Garcia-Aparicio et al. 
(2006), inhibition by sugars have a greater impact than pretreatment 
inhibitors. This is the advantage of processes such as SSF where inhi¬ 
bition is prevented by the direct fermentation of sugars as they are 
produced. 

It has been well documented that enzymes are inhibited by the 
products of their action. Cellulases are inhibited by cellobiose (Gruno 
et al., 2003), while (Vglucosidase is inhibited by glucose (Andric et al., 
2010; Holtzapple et al., 1990). For this reason, excess (Vglucosidase is 
generally added to cellulases in bioconversion processes to prevent in¬ 
hibition of cellulases. Endo-xylanases have been reported to be inhib¬ 
ited by xylose (Khanna and Gauri, 1993; Rapp and Wagner, 1986), 
and xylobiose (Kitpreechavanich et al„ 1984), but only occasionally. 
However, (Vxylosidase has been found to be inhibited by xylose and 
xylobiose (Andrade et al., 2004; Bernier et al„ 1987; La Grange et al., 
2001; Pinphanichakam et al, 2004; Xu et al, 1991). Ferulic acid ester¬ 
ases have also been found to be inhibited by ferulic acid (Xiros et al, 
2009). Some researchers have further investigated the impact of oligo¬ 
saccharides and sugars other than cellobiose and glucose on cellulases 
and found that hemicellulose-derived sugars (xylose, arabinose, man¬ 
nose, galactose) inhibited cellulose conversion (Garcia-Aparicio et al, 
2006; Xiao et al, 2004). Some reports even indicated thatxylooligomers 
were stronger inhibitors of cellulases than glucose and cellobiose 
(Kumar and Wyman, 2009b; Qing and Wyman, 2011; Qing et al, 
2010a). 

The effect of product formation on binding has only received lim¬ 
ited attention, but can be significant as binding or adsorption can im¬ 
pact negatively on hydrolysis efficiency. It has been reported that 
cellobiose may inhibit the binding of cellulases (Kumar and Wyman, 
2008). 

The effect of inhibitors on the yeast involved in fermentation falls 
outside the scope of this paper and several studies have been pub¬ 
lished in this regard. The inhibitory effect of ethanol on fermentation 
organisms is discussed by Demain et al. (2005) and Dien et al. (2003). 
Other studies have looked at the effect of lignin degradation products 
on fermentation (Delgenes et al, 1996; Larsson et al, 2000; Lu et al, 
2009; Nishikawa et al, 1988). The inhibitory effect of ethanol on cel¬ 
lulases (Holtzapple et al, 1990; Taherzadeh and Karimi 2007; Wu and 
Lee, 1997) and xylanases have been reported (Morrison et al, 2011; 
Van Dyk et al, 2010), but no reports have been found in the literature 
for other enzymes and this requires further investigation. 

6.10. Drying of substrate 

The moisture content of the substrate can affect the ability of en¬ 
zymes to hydrolyse it (Chandra et al, 2007) and drying of a substrate 
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can result in decreased hydrolysis (Hendriks and Zeeman, 2009). 
According to Hendriks and Zeeman (2009), this is related to a col¬ 
lapse in the pore structure, which probably causes a reduction in 
total surface area (Esteghlalian et al„ 2001). According to Ding et al. 
(2008), dehydration has a significant effect on the “structure and ar¬ 
rangement of cell wall microfibrils”. It is indicated that there is a rela¬ 
tionship between drying of the substrate and adsorption capacity 
(Boussaid and Saddler, 1999). The standard NREL protocol for enzy¬ 
matic degradation of biomass indicates that no drying must take 
place after aqueous pretreatments, as it will cause “irreversible pore 
collapse in the microstructure” which will decrease hydrolysis (Selig 
et al., 2008). Drying can cause an irreversible loss of water binding 
ability which results in a loss of pores (Luo and Zhu, 2011). The 
pores are indicated to be more important for accessibility of the en¬ 
zymes than the external surface area (Luo and Zhu, 2011). Zhang 
and Lynd (2004) indicated that pore sizes should be large enough to 
accommodate a typical enzyme with a 51 A diameter. Although rehy¬ 
dration may increase the surface area, pores are not restored. Zhang 
and Lynd (2004) reported that the surface area of Avicel could be in¬ 
creased from 5.4 m 2 /g to 18 m 2 /g when exposed to water swelling for 
a long period of time. 

6.11. Productive and non-productive adsorption of enzymes onto sub¬ 
strates and recycling of enzymes 

During hydrolysis of a substrate, enzymes adsorb onto the sub¬ 
strate, desorb and readsorb again, fractionating the enzymes between 
the solid and the liquid fraction (Boussaid and Saddler, 1999). It has 
been indicated that the extent of adsorption affects the rate and ex¬ 
tent of hydrolysis (Boussaid and Saddler, 1999) and that adsorption 
is a prerequisite in enzymatic hydrolysis of cellulose (Kim et al., 
1992). Various factors are said to affect adsorption, including sub¬ 
strate characteristics such as the presence of lignin, the method of 
pretreatment, as well as surface area and pore volume in the sub¬ 
strate (Boussaid and Saddler, 1999). From reports in the literature, 
it appears as though the characteristics of the enzymes also play a 
role in adsorption behaviour. 

Substrates with higher lignin levels have displayed high adsorp¬ 
tion of enzymes but this did not result in a higher rate of hydrolysis 
(Boussaid and Saddler, 1999). Enzymes also display differences in ad¬ 
sorption behaviour. Kotiranta et al. (1999) found that there was a lin¬ 
ear correlation between adsorption and hydrolysis in the case of 
cellobiohydrolases, but not in the case of endoglucanases. Different 
enzymes also appear to have different adsorption capacities with cel¬ 
lobiohydrolases having a higher binding affinity compared to endo¬ 
glucanases (Boussaid and Saddler, 1999), which may be linked to 
the type of CBM found in the enzymes. Kumar and Wyman (2009b) 
also confirmed that cellulase adsorption and glucan hydrolysis was 
clearly linked, but that this was not the case for xylanases where ad¬ 
sorption and hydrolysis had no correlation. 

The type of pretreatment affects adsorption behaviour of enzymes 
and Qi et al. (2011) found that higher adsorption was observed with 
acid-pretreated compared to alkaline pretreated substrate. Kristensen 
et al. (2009b) also found that, at high solid loadings, adsorption of en¬ 
zymes onto the substrate declined and that this was caused by hydro¬ 
lysis products such as glucose and cellobiose which inhibited 
adsorption, thus causing decreasing yields at high substrate loadings. 

When working with complex substrates such as lignocellulose, it 
was observed that adsorption did not correlate with hydrolysis effi¬ 
ciency (Boussaid and Saddler, 1999). It was demonstrated that high 
levels of non-productive adsorption took place during hydrolysis of 
lignocellulose substrates, specifically onto lignin, which decreased 
the hydrolysis efficiency and required high enzyme loadings to over¬ 
come this phenomenon. Non-productive adsorption of cellulases to 
lignin has been demonstrated to be as a result of the CBM that the cel¬ 
lulases contained (Palonen et al., 2004). It has been shown that, 


unless hydrolysis of the substrate is complete, enzymes remain 
adsorbed to the recalcitrant, unhydrolysed part of the substrate 
and this could affect the reuse of enzymes in subsequent batches 
(Boussaid and Saddler, 1999). 

Many studies have investigated ways in which non-productive ad¬ 
sorption can be overcome by the addition of compounds such as sur¬ 
factants to the mixture. This also has particular relevance in terms of 
recycling of enzymes for reuse. If the enzymes could be released from 
the substrate at the end of a batch hydrolysis, they could be recycled, 
reducing enzyme cost. Various studies have investigated the desorp¬ 
tion of enzymes and the prevention of non-productive adsorption. 
The role of surfactants in this regard is further discussed in Section 
6.14. 

6.12. Enzyme and substrate loadings 

Enzymes represent a significant cost in bioconversion and there¬ 
fore the total amount of protein used in saccharification is important 
(Kumar and Wyman, 2009a). The efficiency of the process can be 
measured as the amount of sugars (in g) produced per mg protein. 
In addition to enzyme loadings, substrate loadings are a factor in 
making bioconversion economical and have to be high enough to 
achieve sufficient sugar levels for fermentation. Thus the optimal en¬ 
zyme and substrate loadings have to be identified for optimal effi¬ 
ciency and economy (g of protein/g of substrate). 

Enzyme loadings may differ depending on the specific substrate 
and its composition, as well as the type of pretreatment. Substrates 
with a high lignin composition may require higher enzyme loadings 
due to non-productive adsorption of enzymes to the lignin portion. 
For example, Boussaid and Saddler (1999) measured the minimum 
enzyme required to degrade a substrate to completion. With Avicel, 
they were able to have enzyme loadings of 40 mg/g cellulose (or 
40 FPU/g cellulose), while 60 FPU/g was required for delignified 
kraft pulp. However, even enzyme loadings of 750 FPU/g cellulose 
were not able to fully hydrolyse the pulp which contained 28% lignin. 
Enzyme loading may also depend on whether the enzyme combina¬ 
tion is optimal for the substrate, for example, cellulase loadings will 
be lower in the presence of xylanase. Higher enzyme loadings are 
generally also required for commercial mixtures as the specific activ¬ 
ity of enzymes will be lower. 

Pretreatments used on substrates may also have an impact on the 
enzyme loadings (Kumar and Wyman, 2009a). For example, Wyman 
et al. (2011) found that higher protein loadings were required for al¬ 
kaline pretreated substrates, whereas dilute acid, S0 2 and liquid hot 
water pretreated substrates required lower enzyme loadings for the 
same levels of hydrolysis. This was related to the hemicellulose con¬ 
tent remaining after pretreatment which required additional en¬ 
zymes such as xylanases (Wyman et al., 2011). 

Several factors can reduce enzyme loading. Washing of the sub¬ 
strate to remove any inhibitory compounds prior to enzyme hydroly¬ 
sis can lead to reduced enzyme loading, as well as the addition of 
compounds such as Tween 20, BSA and PEG 6000 which reduce 
non-productive adsorption (Kumar and Wyman, 2009a). Cellulase 
loadings can be reduced if xylanase is added which improves overall 
cellulose digestion (Kumar and Wyman, 2009a). In the same manner, 
supplementation with [J-glucosidase can reduce cellulase loadings by 
removing cellobiose which would inhibit cellulases (Wyman et al., 
2011). Inhibition of enzymes such as (3-glucosidase can also be over¬ 
come by the type of process used in bioconversion, such as in SSF, 
where glucose is immediately converted into ethanol. Such processes 
can therefore also assist in reducing enzyme loadings. Enzyme load¬ 
ings can also be reduced by using enzymes with higher specific activ¬ 
ity. Enzyme recycling over several batches can also reduce enzyme 
loading. 

Increased enzyme loadings may lead to increased hydrolysis, but 
only up to a certain point, after which hydrolysis slows down due to 
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various factors. Therefore it is important to measure the efficiency 
with respect to the yield as mg of sugar per mg of protein used in 
the bioconversion. The efficiency ratio will give an indication of the 
limit of protein loading required for optimal degradation and econo¬ 
my. At high enzyme loadings, the relative number of binding sites is 
reduced and enzymes may start competing for the same binding 
sites, leading to a reduction in the overall rate (Banerjee et al., 
2010a). High substrate loadings also slow down the rate of hydrolysis. 
The same yield may be achieved, but at a slower rate (Kumar and 
Wyman, 2009a). Causes for this have been investigated and have 
been linked to factors such as lower enzyme binding and difficulty 
of enzymes to diffuse through the medium containing low liquid 
levels (Wang et al., 2011). Kristensen et al. (2009a) identified factors 
such as composition of substrate, product inhibition, water concen¬ 
tration and enzyme binding. As saccharification progresses, the liquid 
medium becomes more viscous which also reduces the ability to mix 
sufficiently and therefore enzyme mobility (Rosgaard et al., 2007). 

The literature reveals large differences in enzyme and substrate 
loadings, based on different substrate compositions and pretreat¬ 
ments. Low enzyme loadings were used in synergy studies on cellu¬ 
lose, such as 0.1 pM in Andersen et al. (2008). An intermediate 
enzyme loading on cellulose substrates is considered to be 
300-400 mg protein per L, or approximately 20 FPU/g cellulose 
(Andersen et al., 2008; Zhang and Lynd, 2006). This loading is much 
lower than that reported by Boussaid and Saddler (1999) which 
was 40 FPU/g cellulose. However, Boussaid and Saddler (1999) had 
different objectives, namely the lowest enzyme loading that would 
achieve complete hydrolysis in a short time, while Andersen et al. 
(2008) specifically aimed to study the progression of the depolymer¬ 
isation and Zhang and Lynd (2006) investigated the rates of hydroly¬ 
sis. As specific activities can vary, comparison is better facilitated by 
using activity units per gramme of substrate rather than protein load¬ 
ings. According to Sun and Cheng (2002), cellulase loadings of 7- 
33 FPU/g substrate is generally used, depending on the specific sub¬ 
strate. Cellulase to (3-glucosidase ratios are generally used at a 1:2 
ratio with loadings of, for example, 15 FPU:30 CBU (cellobiose 
units) per gramme of glucan (Samayan and Schall, 2010); 7.5 
FPU: 13 CBU/g dry mass (Rosgaard et al„ 2007). This ratio is not al¬ 
ways maintained and Pryor and Nahar (2010) used 25 
FPU:31.3 CBU/g cellulose. The (Vglucosidase is often just added in ex¬ 
cess quantities without regard to optimal ratios. Gao et al. (2010) in¬ 
dicated that ratios were also dependent on enzyme loadings, as 
endoglucanases were more important at low enzyme loadings. 


6.13. Enzyme ratios 

Synergy studies attempt to determine the optimal ratio for the ac¬ 
tion of various enzymes on substrates. Specific ratios are thought to 
optimise degradation, while at the same time limiting the cost of en¬ 
zymes (Merino and Cherry, 2007). Due to the diversity of lignocellu- 
lose substrates, there is a general perception amongst researchers 
that pretreatments, enzyme combinations and ratios must be opti¬ 
mised for each type of substrate. However, Sills and Gossett (2011) 
question whether this is really necessary. They make the valid point 
that, from a commercial point of view, “this has the potential to create 
cumbersome logistics for a prospective technology that is expected to 
involve the application of varying, seasonal energy crops to a single, 
lignocellulose-to-ethanol processing facility” (Sills and Gossett, 
2011). They conclude that perhaps this would be required for sub¬ 
strates with large differences, but indicate that “there is not enough 
data in the literature to say definitively that different biomasses al¬ 
ways require different pretreatment and hydrolysis conditions” (Sills 
and Gossett, 2011). Based on their experiments using switchgrass 
and low impact, high-diversity prairie biomass mixture (LIHD), they 
concluded that “that there is no need to customize enzymatic 


hydrolysis for NaOH-pretreated switchgrass and LIHD” (Sills and 
Gossett, 2011). 

The manner in which ratios of enzymes are calculated or reported 
vary substantially between publications. This may have an impact on 
reproducibility of experiments. Some authors use molar ratios of en¬ 
zymes, but this is only possible where working with purified enzymes 
with a known molecular weight. Ratios may also be expressed as pro¬ 
tein concentration of one enzyme versus protein concentration of an¬ 
other enzyme, but this may not be an accurate reflection of the actual 
number of enzymes, or the activity of the enzymes at the time of the 
experiment. It has become very common to use ratios of specific en¬ 
zyme activities, i.e. FPU, cellobiase units or xylanase units. The ratios 
of activity are also often expressed relative to the concentration of 
cellulose or xylan in the substrate, i.e. FPU/g cellulose or xylanase 
units/g xylan. This is also combined with an indication of protein 
ratio. This type of reporting of results is crucial for determining both 
optimal ratios as well as optimal enzyme loading. This allows calcula¬ 
tion of the effectiveness of additional enzyme loading with respect to 
the additional grammes of sugar generated and thus will allow anal¬ 
ysis of the cost impact of enzyme loadings. 

Where commercial enzyme mixtures are used, it is more difficult 
to achieve optimised ratios of enzymes (Gao et al., 2011). 

Duncan and Schilling (2010) indicated that the concentration of 
lignin, cellulose and hemicellulose “are not the only factor that affects 
enzyme ratios but that cell wall anatomy and microstructure all con¬ 
tribute”. There is “frequently not a simple relationship between the 
importance of an enzyme and substrate abundance” (Banerjee et al., 
2010b). Thus the loading for a particular enzyme will not necessarily 
correlate with the abundance of the particular bonds targeted by that 
particular enzyme. 

6.14. The role of surfactants and additives 

Surfactants are used in bioconversion in three ways: during pre¬ 
treatment, during enzymatic hydrolysis and for recycling of enzymes 
after batch hydrolysis. 

Surfactants are one of the most common additives to prevent non¬ 
productive adsorption of enzymes to their substrate and thereby im¬ 
prove hydrolysis. Sun and Cheng (2002) gives an overview of the lit¬ 
erature in this regard and concluded that non-ionic surfactants were 
the most suitable for improving cellulose hydrolysis, a conclusion 
that was supported by Eriksson et al. (2002). Eriksson et al. (2002) 
proposed that non-ionic surfactants, such as Tween and Triton, may 
improve hydrolysis by hydrophobic interaction with lignin, which 
caused a release of the non-productively adsorbed enzymes. This 
was confirmed in a study of cellulase binding on lignin by Tu et al. 
(2009), who concluded that the Tween 80 displayed competitive 
binding with the cellulases, thus reducing cellulase adsorption to 
the lignin. This resulted in lower enzyme loadings. Chen et al. 
(2008) also found that addition of Tween 80 improved hydrolysis, 
while Jeya et al. (2010) found best results with Tween 20. Kumar 
and Wyman (2009a) examined the effect of BSA, Tween 20 and PEG 
6000, and found improved hydrolysis with all these additives, al¬ 
though Tween 20 performed the best. The effectiveness of the addi¬ 
tive varied with the type of pretreatment used, with surfactant 
having a greater effect on acid and steam pretreated straw, rather 
than ammonia or hydrogen peroxide pretreated straw (Kristensen 
et al., 2007). Alkasrawi et al. (2003) used surfactants during SSF and 
found that similar ethanol yields could be obtained with a 50% reduc¬ 
tion in enzyme loading, indicating that the fermentation did not ap¬ 
pear to be affected by the presence of the surfactant (Tween 20). 

Desorption of enzymes for recycling after a hydrolysis cycle can be 
accomplished using surfactants, alkali, urea and buffers of various pHs 
(Qi et al„ 2011), BSA or polymers such as polyethylene glycol, and 
even gelatin (Xu et al., 2008). Sipos et al. (2010b) investigated the ef¬ 
fect of the addition of PEG 4000 on the hydrolysis of steam-pretreated 


1474 


J.S. Van Dyk, B.I. Pletschke / Biotechnology Advances 30 (2012) 1458-1480 


spruce. They found lower adsorption of enzymes to the substrate and 
a higher recovery of enzymes after hydrolysis. Ouyang et al. (2010) 
also used PEG 4000 as an additive and found that, in addition to a 
higher recovery of enzyme, that hydrolysis was improved by 91% 
and that PEG addition stabilised the enzymes. 

Surfactants have also been used during pretreatment by Qi et al. 
(2010) who used Tween 20 during acid pretreatment of lignocellulose. 
This resulted in improved enzymatic hydrolysis and it was determined 
that less adsorption of enzymes on the substrate took place as a result 
of the addition of surfactant. The lignin in the pretreated substrate 
appeared to have been modified, possibly due to the surfactant extracting 
hydrophobic degradation products generated during pretreatment Qing 
et al. (2010b) similarly used Tween 80 during pretreatment and found 
that the surfactant assisted with removal of lignin during pretreatment. 

Additives could therefore improve the hydrolysis of the lignocellu¬ 
lose substrate, as well as improve the recovery of enzymes for recy¬ 
cling, thus reducing the cost. However, the cost of the additive and 
thus the overall saving has not been investigated. Neither has the im¬ 
pact of the additives on subsequent fermentation been investigated 
extensively. 


7. Model for enzyme synergy approach to bioconversion 

The first step in bioconversion of a lignocellulose substrate is an 
accurate analysis of the composition of the pretreated substrate, partic¬ 
ularly the specific sugars in the hemicellulose fraction which would 
identify the presence of arabinoxylan, mannan or arabinan which 
could impact on the selection of enzymes for its degradation. Two 
models are outlined in Figs. 1 and 2; Fig. 1 based on the use of individual 
combinations of enzymes whereas Fig. 2 is based on the use of commer¬ 
cial enzymes mixture. Main enzymes, corresponding to the core en¬ 
zymes identified by Banerjee et al. (2010c), are considered to be the 
cellulases, as well as endo-xylanase and (i-xylosidase. Additional acces¬ 
sory enzymes must then be evaluated based on the composition of 
the substrate. Where mannose is present, enzymes such as endo- 
mannanase and (Vmannosidase can be evaluated for improved 
yields of overall monomer sugars. In the case of evidence of low 
arabinose composition, an a-arabinofuranosidase could be includ¬ 
ed, while with high arabinose presence, an arabinase can be includ¬ 
ed for evaluation. If the presence of pectin is indicated by 
galacturonic acid, additional pectinases or pectate lyases may be 
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Fig. 1. Model for developing optimal combinations with individual enzymes. Substrate analysis has to be carried out after pretreatment. Based on the substrate analysis and iden¬ 
tification of sugars, enzymes are selected for hydrolysis of bonds relating to those sugars. Enzymes required for glucose and xylose release are considered the main enzymes, while 
accessory enzymes are added should those sugars be present. These enzymes are then evaluated for optimal yield and synergy. Once enzyme ratios are optimised, further accessory 
enzymes can be evaluated for total release of all sugars. 
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Fig. 2. Model for developing optimal synergistic combinations with commercial mixtures of enzymes. Substrate analysis has to be carried out after pretreatment Commercial mix¬ 
tures that have been selected must be characterised to identify the presence of relevant enzyme activities. Ratios of commercial mixtures are optimised based on yield of glucose 
and xylose. Enzyme activities that are not present in the commercial mixtures must then be added in the form of additional enzymes and evaluated for improved hydrolysis. 


included, as well as other accessory enzymes that may contribute to 
the overall degradation of the substrate. The enzymes added will 
also depend on whether the yield of galacturonic acid as a product 
is important. 

If commercial enzymes are to be used, they must be characterised 
for the presence of all the above activities and their ratios present in 
the enzyme mixture. 

Finally, ratios of enzymes for optimal degradation must be deter¬ 
mined with reference to optimal degree of synergy and maximum 
yield of main sugars, with maximum yield taking precedence. En¬ 
zyme and substrate loading must be optimised with reference to 
yield of monomer sugars in grammes per mg of protein 

8. Future perspectives 

Bioconversion using enzyme synergy has generally opted for two 
approaches, individual enzyme combinations or combinations of com¬ 
mercial mixtures. Either option can be useful. Use of individual enzymes 
can lead to a greater understanding of synergy and cooperation be¬ 
tween enzymes to degrade a complex substrate, whereas the use of 
commercial enzymes may be a quicker route to commercialisation. 


With respect to the use of individual enzymes, a shortcoming is the 
lack of commerical availability of pure enzymes for studying of interac¬ 
tions between enzymes. This is particularly the case for lesser known 
accessory enzymes whose contributions have not been evaluated. 
Some research has focused on bioprospecting for new enzymes and 
protein engineering to improve characteristics of enzymes which may 
provide suitable enzymes for the future. A further shortcoming is the 
lack of characterisation of enzymes that are available, specifically with 
respect to activity on complex substrates and other characteristics 
such as stability and inhibitory behaviour within the bioreactor envi¬ 
ronment. Very limited studies have been carried out in this regard on 
accessory enzymes, with most of the work focusing on cellulases. 

With respect to commercial mixtures, it has been pointed out by 
Banerjee et al. (2010b) that most of these mixtures have been devel¬ 
oped for optimal hydrolysis on acid-pretreated corn stover and are 
thus not optimal for other substrates and other pretreatments. As 
pretreatments are moving away from acid pretreatments in order to 
retain the hemicellulose sugars in the substrate, this is no longer a 
satisfactory approach. It has also been indicated that these commer¬ 
cial mixtures are lacking in xylanases. Although commercial mixtures 
are available with xylanases and pectinases (Multifect), using several 
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commercial mixtures result in overlapping of functions with possible 
competitive behaviour between enzymes. Although commercial mix¬ 
tures can be potentially convenient, it is important that production of 
these mixtures should be optimised for different substrates with dif¬ 
ferent pretreatments. This has enormous potential to boost commer¬ 
cialisation of lignocellulose degradation worldwide. 

With respect to synergy studies, experimental design and report¬ 
ing of results do not display enough consistency to allow comparison 
and identification of optimal ratios. Yields of monomer sugars are 
often not reported or there are doubts about the manner in which it 
was calculated, making comparison difficult between studies. Degrees 
of synergy are seldom calculated and thus make it difficult to deter¬ 
mine the relationship between yield and synergy. Degrees of synergy 
would also provide information about the structure of the specific lig¬ 
nocellulose substrate and the interaction between different compo¬ 
nents, as well as the cooperation required between enzymes for its 
degradation. 

Further research should be done with respect to hemicellulases 
and their contribution to lignocellulose degradation, particularly the 
role of enzymes such as pectinases, mannanases and other accessory 
enzymes. The synergy and interaction between cellulases have been 
well-established, but hemicellulose is far more diverse and not 
enough work has been done to characterise hemicellulose in particu¬ 
lar substrates. This poses an obstacle to the selection of appropriate 
enzymes for total degradation of the substrate, and also limits insight 
into cooperative behaviour between cellulases and hemicellulases, as 
well as between hemicellulases themselves. The role of other proteins 
and non-hydrolytic enzymes to achieve and enhance complete degra¬ 
dation of lignocellulose requires further investigation (Banerjee et al„ 
2010b). 

As Banerjee et al. (2010b) has pointed out, the only method to as¬ 
sess the behaviour of enzymes and ratios on complex lignocellulose 
substrates is through actual biochemical assays. This poses con¬ 
straints for appropriate evaluation of enzyme combinations. Several 
high-throughput systems for optimisation of reaction mixtures have 
been developed by research groups which allow multiple evaluations 
of a large number of enzymes. 

The question posed by Sills and Gossett (2011) remains valid: Do 
we need customised enzymatic hydrolysis for every substrate and is 
this approach commercially viable? Is the improvement obtained 
through extensive optimisation marginal or significant in terms of in¬ 
creased yield and is it therefore cost-effective? A clear distinction 
should be made between understanding lignocellulose degradation 
and the effect of various enzyme combinations and ratios compared 
with the achievement of a commercially viable and effective process. 
The additional cost of a variety of accessory enzymes may not be via¬ 
ble if it only provides a small increase in yield. 
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